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Cellulases are an important class of cell-wall degrading enzymes that are being deployed for 
biochemical conversion of cellulose to fermentable sugars. Individual cellulases hydrolyze cellulose 
relatively slowly; however, mixtures of cellulases and other plant cell wall degrading enzymes act 
synergistically to amplify hydrolysis. A major question affecting cellulase binding and synergistic 
behavior is to what extent does cellulose morphological structure influence cellulase accessibility to 
cellulose polymers and how does this accessibility change with different cellulases?  
In nature, cellulose is contained within a complex matrix of polymers that comprise the plant 
cell wall. Organisms that rely on cellulose use a cocktail of enzymes to access the cellulose within the 
plant cell wall matrix quickly and efficiently. Identifying novel enzymes from the organisms that can be 
incorporated into synergistic mixtures will allow for greater diversity in biomass feedstocks and greater 
efficiency in conversion. To this end, a high through-put method was developed to screen plant 
pathogenic fungi for cellulolytic ability. Within a small sample, some isolates had crude activities 
comparable to that of Trichoderma reesei, particularly at lower temperatures and on more complicated 
biomass substrates. 
Cellulase binding and synergistic behaviors on simple and complex cellulose structures can be 
studied using advanced imaging techniques with high temporal and spatial resolution. A method for 
observing Thermobifida fusca cellulases Cel5A and Cel6B binding on immobilized cellulose using 
fluorescence microscopy techniques was established. This method allows for simultaneous imaging of 
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binding on cellulose fiber and mat structures at a range of temperatures to encourage or discourage 
hydrolysis. Having established this method, equimolar mixtures of Cel5A and Cel6B were applied to the 
cellulose substrates and binding was observed. The binding data’s temporal resolution obtained by this 
method allows for the calculation of degree of synergistic binding throughout the time course on both 
cellulose fibers and mats. Hydrolytic activity enhances the DSB early in the time course for fibers and 
throughout the time course for mats, indicating a significant effect of cellulose structure and 
accessibility on cellulase binding in a synergistic mixture. 
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CHAPTER 1: INTRODUCTION 
 Efficient and economic conversion of plant cell-wall materials into fermentable sugars is the 
principal technical challenge to utilizing lignocellulosic biomass for industrial biotechnology (Usdoe 
2003; Usdoe 2006; Fales et al. 2007; Himmel et al. 2007; Jørgensen et al. 2007; Coyle 2010). The 
biological conversion of lignocellulosic biomass to fermentable sugars is called cellulose hydrolysis and is 
chiefly accomplished by a class of enzymes called cellulases (Bayer et al. 1998; Lynd et al. 2002; Zhang 
and Lynd 2004; Zhang et al. 2006; Meyer et al. 2009; Wilson 2009). At the most fundamental scale, 
cellulose hydrolysis occurs when cellulases bind to cellulose polymers and hydrolyze the β-1,4 linkages 
between glucose monomers (Ghosh and Singh 1993; Bayer et al. 1998; Wilson 2009). However, gaining 
access to polymers requires that cellulases diffuse and bind to complex three dimensional structures 
such as cellulose microfibers, mats, and particles. In addition, cellulases exhibit different binding 
characteristics depending on their reactive domains (Coughlan 1985; Walker and Wilson 1991; Warren 
1996; Wilson and Irwin 1999; Cantarel et al. 2009).  
In nature, biomass is a very complicated substrate for cellulose hydrolysis (Rose 2003; Berlin et 
al. 2005; Berlin et al. 2007; Schmer et al. 2008). The plant cell wall is made up of cellulose polymers, 
complexed with hemicellulose, lignin, and other polymers that give the plant cell wall its structure and 
resistance to disease (Tomme et al. 1995; Cosgrove 2005; Gilbert 2010). Organisms that rely on cellulose 
for their carbon source employ a suite of cellulases and other plant cell wall degrading enzymes to break 
down the plant cell wall and hydrolyze the cellulose polymer to its glucose monomers and 
understanding how these enzymes and cellulases work together will be key to biomass hydrolysis in the 
service of a larger bioeconomy (Rosgaard et al. 2006). It is well documented that individual cellulases 
hydrolyze cellulose relatively slowly, but mixtures of cellulases and other plant cell wall degrading 
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enzymes have been observed to act synergistically to enhance rates and extents of hydrolysis. In a 
classical synergism model, the actions of endocellulases on the cellulose polymer create new chain ends 
on which exocellulases can bind. The actions of the exocellulases on the ends of the polymer chains 
expose additional chains below the surface for endocellulases to act on. Elucidating the molecular 
mechanisms that give rise to synergistic behavior is an important research goal. 
A major question is to what degree does cellulose morphological structure influence cellulase 
accessibility to cellulose polymers and how does this accessibility change with different cellulases? The 
adsorption of cellulases onto the cellulose polymer is a key step in the hydrolysis reaction and due to the 
dynamic nature of cellulose hydrolysis, the adsorbed concentrations of cellulases will change as the 
reaction proceeds. Understanding the mechanism of this dynamic binding will begin to elucidate the 
synergistic interactions that yield enhanced hydrolysis of lignocellulosic biomass. The objective of the 
research presented in this dissertation is to explore the role of cellulose accessibility and morphological 
structure in cellulase binding and synergistic behaviors. 
The plant cell wall is the major barrier that pathogens must surmount for successful invasion of 
plant tissue and overcoming its structural integrity essential to utilizing biomass for industrial 
biotechnology (Mendgen et al. 1996; Annis and Goodwin 1997; Esquerre-Tugaye et al. 2000; Tonukari 
2003; Aro et al. 2005; Toth and Birch 2005). Many conventional cellulase activity assays rely on the use 
of purified cellulose substrates to measure hydrolysis, but these idealized substrates are not reflective of 
the accessibility of the cellulose in the plant cell wall (Berlin et al. 2005). To this end, a high throughput 
screening method was developed to screen a collection of fungal plant pathogens for cellulolytic abilities 
on real biomass. In designing the assay, the effects and interactions of fungal species, growth media, 
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and assay temperature on hydrolysis rates of different polysaccharide substrates were examined in 
order to develop a standardized methodology for evaluating a large number of isolates (King et al. 
2009). The crude fungal extracts contained the full complement of plant cell wall degrading enzymes 
necessary for accessing and hydrolyzing the cellulose contained within the matrix of plant cell wall 
polymers. The high throughput screening method developed showed the importance of using complex 
cellulose substrates in prospecting for novel cellulolytic enzymes. 
Even when not contained within a plant cell wall, cellulose is composed of simple and complex 
morphological structures. Pretreated biomass materials that will be used for industrial biotechnology 
have been largely stripped of the polymer matrix that comprises the plant cell wall, but these materials 
still present accessibility issues for cellulase binding and activity (Zhu et al. 2011; Luterbacher et al. 2013; 
Luterbacher et al. 2013; Yang et al. 2013). It is possible to study the influence of cellulose morphological 
structures on cellulase transport and binding mechanisms through the use of advanced imaging 
techniques and biochemically well characterized fluorescently labeled cellulases. Cellulases can be 
labeled with small organic dyes of various colors in a way that will minimize the effect on native activity, 
and cellulose can be immobilized on a solid substrate for stability in long term imaging, yielding good 
spatial and temporal data for binding curves. Chapter 4 presents the method for observing cellulase 
binding on simple and complex cellulose structures using fluorescence microscopy. A spectrum of 
reaction temperatures was employed to observe binding at various levels of hydrolytic activity. In this 
method, bacterial microcrystalline cellulose is immobilized on a glass substrate in such a way that both 
single BMCC fibers and dense mat structures can be imaged simultaneously. Cellulose density is a major 
factor influencing the rate and extent of cellulase binding and the method presented in Chapter 4 allows 
us to tease out the differences in cellulase binding on simple and complex cellulose structures. 
4 
 
Having established the method for using fluorescence imaging to observe cellulase binding, we 
can begin to answer the question, to what extent does cellulase synergism affect binding and 
accessibility on simple and complex cellulose substrates? Synergistic behavior has been observed in 
mixtures of endocellulases and exocellulases, leading to enhanced rates and extents of binding and 
hydrolysis activity (Beldman et al. 1988; Bothwell et al. 1993; Irwin et al. 1993; Nidetzky et al. 1994; 
Henrissat et al. 2002; Jeoh et al. 2002; Watson et al. 2002; Santhanam and Walker 2008; Wilson 2008). 
An endocellulase and an exocellulase, each labeled with a different fluorescent tag were applied to the 
immobilized cellulose substrates described in Chapter 4. The binding time course was observed both 
with and without the influence of hydrolytic activity by regulating the temperature of the binding 
reactions. While Jeoh et al observed the concentration of bound cellulase throughout a 16 hour 
hydrolysis reaction, they were limited in their temporal resolution to a scale of hours (Jeoh et al. 2006). 
The method presented in Chapter 4 obtains bound cellulase data every 15 seconds to every 2.5 minutes, 
giving us a more complete picture of cellulase binding and synergistic behaviors very early in the time 
course. In calculating the degree of synergistic binding throughout the time course, we can begin to 
understand the dynamic nature of cellulase binding on simple and complex cellulose structures and the 
influence of cellulose structure and complexity on hydrolysis. 
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CHAPTER 2: LITERATURE REVIEW 
Cellulases  
 Cellulases represent several types of enzymes that hydrolyze cellulose and are part of a larger 
group of enzymes known as glycoside hydrolases. Glycoside hydrolases comprise a large group of 
enzymes which catalyze the hydrolysis of glycosidic bonds between two carbohydrates, as shown in 
Figure 1 (Withers and Williams 2010).  
 
Figure 1: Diagram of hydrolysis of a glycosidic bond between two carbohydrates from Withers and 
Williams 2010. 
 
In the case of cellulases, the glycosidic bond is a β-1,4 linkage between glucose monomers within a 
cellulose polymer. Glycoside hydrolases in general and cellulases in particular can be classified in several 
different ways, depending upon the most useful context.  
 The Enzyme Commission (EC) number uses a numerical scheme to categorize enzymes based on 
the reactions they catalyze (Webb 1992). Each EC number is four numbers separated by periods, 
progressively representing finer levels of classification. Glycoside hydrolases are denoted as EC 3.2.1.-, 
for the class of enzymes that hydrolyze the glycosidic bond between two or more carbohydrates, or a 
carbohydrate and some other moiety (Cantarel et al. 2009). Glycoside hydrolases are also classified by 
reaction mechanism, most commonly as either retaining or inverting (Davies and Henrissat 1995). These 
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reaction mechanisms were first described by Koshland (Koshland 1953). The inverting mechanism is a 
one-step, single-displacement reaction, occurring via an acid/base reaction assisted by two amino acid 
side chains. These side chains are generally glutamic acid or aspartic acid and are usually located 6 – 11 
Å apart (Mccarter and Withers 1994). The inverting mechanism for a beta-glucosidic bond is shown in 
Figure 2 (Withers and Williams 2010) 
Figure 2: Diagram of the inverting mechanism for hydrolysis of a β-glucosidic bond by a glycoside 
hydrolase from Withers and Williams 2010. 
  
The retaining mechanism is a two-step, double-displacement reaction, making use of acid/base 
and nucleophilic assistance from two amino acid side chains, generally glutamate or aspartate, located 
5.5 Å apart (Koshland 1953). The retaining mechanism for a β-glucosidic bond is shown in Figure 3 below 
(Withers and Williams 2010).  
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Figure 3: Diagram of the retaining mechanism for hydrolysis of a β-glucosidic bond by a glycoside 
hydrolase from Withers and Williams 2010. 
 
Glycoside hydrolases can also be classified according to sequence information. This classification scheme 
was proposed in 1991 by Bernard Henrissat based on the comparison of the amino acid sequences of 
301 glycoside hydrolases and related enzymes (Henrissat 1991). This initial classification identified 35 
families with significantly similar amino acid sequences and having no significant similarity with other 
families (Henrissat 1991). There are currently over 100 identified families listed in the glycoside 
hydrolases section of the Carbohydrate-active enzyme (CAZy) database (http://www.cazy.org/) , 
maintained by Bernard Henrissat and his team (Cantarel et al. 2009). Significant similarity in amino acid 
sequence is a good indication of folding similarities and one can assume that members of the same 
family have similar folding characteristics. Sequence data can also be connected back to the mechanistic 
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classification, since most glycoside hydrolases act by an acid catalysis mechanism characterized by the 
participation of two amino acid residues in a single-displacement or double-displacement reaction 
resulting in the inversion or retention respectively of the configuration of the anomeric carbon of the 
hydrolyzed glycoside (Koshland 1953; Henrissat 1991). Active site residues can be located on the enzyme 
structure by locating the appropriate amino acid residues in the sequence.  
 Finally, and perhaps most relevantly to this research, glycoside hydrolases can be classified 
according to how they act on a substrate and where on that substrate they cleave the glycosidic bond. 
Endo acting enzymes attach at random locations along a carbohydrate polymer and cleave bonds from 
the middle of the chain, resulting in smaller chains of carbohydrates (Walker and Wilson 1991). 
Processive endo acting enzymes randomly attach to cellulose polymers and release sugars as they move 
along the microfibril (Coughlan 1985; Warren 1996; Wilson and Irwin 1999). Exo acting enzymes bind to 
the ends of cellulose polymers and process along the chain, releasing cellobiose. Exo-acting enzymes can 
attack on either the reducing and non-reducing ends of cellulose chains (Coughlan 1985; Walker and 
Wilson 1991; Cantarel et al. 2009). In cellulase synergism, it is assumed that the actions of 
endocellulases create more available sites for exocellulases to act, thereby increasing the overall activity 
of the mixture to an extent that is greater than the sum of the activities of the individual enzymes. 
Cellobiose is the major product of exocellulases, and is inhibitory to their activity (Duff and Murray 1996; 
Wen et al. 2004). Many cellulase systems employ β-glucosidase to hydrolyze cellobiose and other 
oligosaccharides produced by cellulases to glucose, reducing end product inhibition and increasing total 
fermentable sugar yield (Wilson 2008). 
9 
 
 Cellulases are identified by EC numbers 3.2.1.4 if they are endo-acting or 3.2.1.91 if they are 
exo-acting. There are twelve identified families with endo-activity and four families with exo-activity 
(Cazy). All four families with exo-activity also have endo-activity, as shown in Table 1. 
Table 1: Cellulolytic mode of action, reaction mechanism, and catalytic amino acid residues for glycoside 
hydrolase families showing cellulase activity. 
GH 
family 
Cellulose acting: Endo/Exo 
Mechanism: 
Inverting/Retaining 
Catalytic 
nucleophile/base 
Catalytic acid 
5 endo, non-reducing end exo retaining Glu Glu 
6 endo, non-reducing end exo inverting Asp Asp 
7 endo, reducing end exo retaining Glu Glu 
8 endo only inverting Asp Glu 
9 endo, non-reducing end exo inverting Asp Glu 
12 endo only retaining Glu Glu 
44 endo only retaining Glu Glu 
45 endo only inverting Asp Asp 
48 
endo, non-reducing end exo, 
reducing end exo 
inverting unknown Glu 
51 endo only retaining Glu Glu 
74 endo only inverting Asp Asp 
 
Cellulases of all types are generally composed of two domains, the carbohydrate binding 
module (CBM) and the catalytic domain (CD) connected by a flexible linker region (Gilkes et al. 1988; 
Tomme et al. 1988). CBM’s are continuous amino acid sequences within a carbohydrate active enzyme, 
like a glycoside hydrolases, with a discrete fold having the ability to bind carbohydrates (Gilkes et al. 
1988; Tomme et al. 1988). The CBM binds the enzyme to the cellulose, allowing the CD to come into 
proximity with the cellulose polymer and hydrolyze the bonds (Boraston et al. 2004). Similar to the 
glycoside hydrolases categorized by the CAZY database, CBMs can currently be classified into 59 families 
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based on structure (Cantarel et al. 2009). CBM’s were first proposed as early as the late 1940s, and were 
initially characterized as cellulose binding domains (CBD) based on the initial discovery of domains that 
bound cellulose (Shoseyov et al. 2006). Many carbohydrate active enzymes, however, have binding 
domains specific to carbohydrate polymers other than cellulose. CBMs contain between 30 and 200 
amino acids and exist as a single, double, or triple domain in one protein (Shoseyov et al. 2006). 
Structural data indicates that CBMs from different families are structurally similar and the carbohydrate 
binding capacity may come from several aromatic residues making up a hydrophobic surface (Shoseyov 
et al. 2006). Many bacterial cellulases possess Family 2 CBMs, while Family 1 CBMs are almost 
exclusively found in fungi (Boraston et al. 2004). Binding to the cellulose polymer is an important step in 
the overall hydrolytic reaction. Several factors influence binding, including enzyme concentration, size, 
cellulose morphology and available surface area (Bothwell et al. 1997; Jung et al. 2003). 
Cellulose Chemical and Physical Structure 
 Cellulose is the most abundant biosynthetic polymer on earth, produced by predominantly by 
algae and plants, but also by some bacteria, marine invertebrates, and fungi (Tomme et al. 1995; Jarvis 
2003; Saxena and Brown 2005). It is a polymer of β-1,4-linked glucose units, with a degree of 
polymerization ranging from approximately 100 to more than 10,000 units. A single molecule of 
cellulose is simple, but the complex enzyme systems required for its degradation arise from the range of 
physical forms of cellulose produced by organisms for various purposes (Tomme et al. 1995). As a result 
of this, a thorough description of a cellulose substrate must include size, shape, porosity, surface area, 
any association with non-cellulose components, molecular conformation and crystallinity. Cellulose 
chains pack together to form cellulose microfibrils, which are linear crystals, characterized by the 
arrangement of the individual cellulose chains in a unit cell with respect to each other (Jarvis 2003; 
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Saxena and Brown 2005). Microfibrils in most plants have a lateral dimension of 3 nm, while microfibrils 
in algae can be 20 nm thick or larger (Tomme et al. 1995).  
 Crystallinity 
 Cellulose crystallinity is a factor in determining a cellulose substrate’s susceptibility to cellulase 
hydrolysis (Ladisch et al. 1983; Coughlan 1985; Walker et al. 1993). Native cellulose predominantly 
occurs as crystalline cellulose, called cellulose I. The polymer chains in cellulose I are arranged parallel to 
each other along the long axis of the microfibril (Tomme et al. 1995; Saxena and Brown 2005). Cellulose 
I is further characterized as either cellulose Iα or Iβ, occurring in differing amounts from cellulose found 
in nature (Atalla and Vanderhart 1984; Saxena and Brown 2005). The Iα and Iβ fractions for various 
cellulose substrates as estimated from NMR spectra and modeling by Lennholm et al. are shown in Table 
2 (Lennholm et al. 1994). Ambiguity in the interpretation of crystallographic data for these cellulose 
samples can be attributed to the fact that the samples are not pure, they contained both types of 
cellulose I, making it difficult to distinguish between the two in the study (Lennholm et al. 1994; 
O'sullivan 1997). 
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Table 2: Values of crystallinity and amounts of cellulose Iα and Iβ studied on various cellulose substrates 
by NMR. 
Cellulose Sample Iα Iβ Total Crystallinity 
Cellulose from Valonia ventricosa 0.47 0.44 0.91 
BMCC 0.36 0.39 0.75 
Cotton 0.25 0.41 0.66 
Fibrous cellulose powder (Whatman CF-11) 0.22-0.25 0.46-0.49 0.71 
Oxygen prebleached hardwood pulp 0.17 0.26 0.43 
Softwood craft pulp 0.21 0.33 0.54 
(Lennholm et al. 1994) 
Cellulose Iα and Iβ differ by their crystal packing, molecular conformation and hydrogen bonding, but 
have many common features. In both forms, the cellulose chains approximate a flat ribbon and lie 
parallel, bound edge to edge by hydrogen bonds. Sheets of these chains are stacked one on top of 
another with a stagger along the microfibril, that differs between cellulose Iα and Iβ (Jarvis 2003). 
Cellulose microfibrils can contain both types of cellulose I and the physical properties of the cellulose 
fibers is dependent on the ratio of the two (Saxena and Brown 2005). Cellulose Iα is the predominate 
form of cellulose in the cell wall produced by bacteria, such as Acetobacter and some algae, such as 
Laminaria, Cladophora and Valonia species; while cellulose Iβ predominates in the cell walls of plants. 
Algal cellulose has both Iα and Iβ alternating along the length of the microfibril (Tomme et al. 1995). The 
diversity of cellulose structures may account for the cocktail of enzymes that microorganisms use to 
degrade cellulose in nature.  
 Crystalline cellulose can also occur as cellulose II, produced naturally by a few organisms, or by 
converting cellulose I via alkali treatment to cellulose II (Tomme et al. 1995; Saxena and Brown 2005). 
Cellulose chains in cellulose II are anti-parallel and have an additional hydrogen bond per glucose 
residue, making cellulose II a very thermodynamically stable form. Cellulose can exist in other possible 
lattice forms, denoted as cellulose IIII, IIIII, IVI or IVII, which are characterized by the arrangement of the 
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cellulose chain sheets and the organization of the hydrogen bonds between these sheets (Tomme et al. 
1995). 
 For the purposes of cellulose hydrolysis, cellulose is most often considered as either crystalline 
or amorphous, with native cellulose occurring as a combination of the two. Amorphous cellulose, where 
the hydrogen bonding interactions are perturbed, may result from imperfections in the chain packing or 
mechanical damage to the chain itself (Tomme et al. 1995). The percentage of total cellulose that is 
crystalline in a given material is called the crystallinity index (Walker et al. 1993). 
Table 3: Values of the crystallinity index for model cellulose and lignocellulosic substrates.  
Substrate1 Crystallinity Index Specific Surface Area (m2/g) Reference 
Avicel 0.5-0.6 2-20 (Zhang and Lynd 2004) 
BMCC 0.76-0.95 200 (Zhang and Lynd 2004) 
Sigmacell 0.87 1.84 
(Walker et al. 1993; Carrasco et 
al. 1994) 
PASC 0-0.04 240 (Zhang and Lynd 2004) 
Cotton 0.81-0.95 na (Zhang and Lynd 2004) 
Filter paper 0.45 na (Zhang and Lynd 2004) 
Wood pulp 0.5-0.7 61-55 
(Carrasco et al. 1994; Zhang 
and Lynd 2004) 
Switchgrass 0.46 na (Chang and Holtzapple 2000) 
Bagasse 0.5 na (Chang and Holtzapple 2000) 
1 BMCC is bacterial microcrystalline cellulose; PASC is phosphoric acid swollen cellulose 
Cellulose produced by Acetobacter species is highly crystalline, as is cellulose in cotton, while 
cellulose swollen in phosphoric acid is generally amorphous cellulose (Tomme et al. 1995). Model 
substrates derived from bleached commercial wood pulps, including Avicel and filter paper are 
considered blends of amorphous and crystalline cellulose (Zhang and Lynd 2004). Typical values for the 
crystallinity index of cellulose substrates are shown in Table 3. Differences in values may result from the 
substrate source, the method of preparation, and the method used to analyze the crystallinity (Zhang 
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and Lynd 2004). Cellulose hydrolysis rates by fungal cellulases are generally 3-30 times faster for 
amorphous cellulose compared to crystalline cellulose (Lynd et al. 2002). The initial degree of 
crystallinity of cellulose is an important factor in determining the rate of a hydrolysis reaction (Hall et al. 
2010). Variations in the degree of crystallinity of lignocellulosic substrates may be another reason that 
cellulolytic organisms employ so many cellulases with different modes of action to degrade a single 
polymer. 
 Accessible Surface Area 
 Another important feature to consider in cellulose hydrolysis is the surface area available for 
cellulase adsorption. Cellulose is a heterogeneous and porous material that features both external and 
internal surfaces (Walker et al. 1993). The values of the specific surface area for some model cellulose 
substrates are shown in Table 3. The external surface area is determined by the size and shape of the 
cellulose structure. Single cellulose fibrils have the greatest amount of surface area while larger cellulose 
structures, such as mats and particles, have much lower surface area. The internal surface area depends 
on the capillary structure of the cellulose fibrils and the size of the enzyme or penetrating reactant that 
could be active on the internal surface (Walker et al. 1993). The relative importance of crystallinity 
compared to surface area is difficult to assess in cellulase binding. Several pretreatments that are meant 
to reduce the degree of crystallinity also increase surface area, obscuring the effects of both crystallinity 
and surface area on cellulase binding (Zhang and Lynd 2004).  
 Cellulose Model Substrates 
 Purified cellulose substrates are used to analyze cellulase activity in a laboratory setting. There 
are limits to the efficacy of these substrates, because they are generally modified from the native form 
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in order to be good for biochemical studies (Tomme et al. 1995; Saxena and Brown 2005). Cellulose 
substrates for analyzing the hydrolytic ability of a cellulase include Avicel, filter paper, and cotton among 
others because they are considered good representatives of crystalline cellulose and are easy to find 
(Tomme et al. 1995). The products of the various cellulases on these substrates can be translated into 
activities measurements by using different substrates to elucidate modes of attack (Ghose 1987). The 
standard filter paper activity assay is a good measure of total cellulase activity since filter paper is a 
nearly pure cellulose substrate and is readily available, with an established and accepted assay method 
(Ghose 1987; Coward-Kelly et al. 2003; Xiao et al. 2004; Zhang et al. 2006). Microcrystalline cellulose, 
such as Avicel, can be used to measure exocellulase activity because it has a low degree of 
polymerization and relatively low accessibility (Wood and Bhat 1988; Zhang et al. 2006). Soluble 
cellulose substrates such as carboxymethyl cellulose (CMC) can be used to measure endocellulase 
activity, because CMC has a high degree of polymerization and is readily accessible for endocellulolytic 
cleavage, but methylation may block processive enzyme action (Ghose 1987; Wood and Bhat 1988; Irwin 
et al. 1998; Xiao et al. 2005; Zhang et al. 2006).  
Native Plant Cell Wall Chemistry 
 In contrast to pure cellulose, however, the plant cell wall is a heterogeneous matrix of 
polysaccharides with diverse composition and linkages, as well as aromatic compounds found in lignin. 
The cellulose encountered by cellulolytic microorganisms is complexed within the plant cell wall, 
embedded in an amorphous matrix of other polysaccharides and polymers. Due to the small size of 
cellulose microfibrils in the plant cell wall, 3-5 nm, the proportion of chains on the surface of the 
microfibril is a large part of the total cellulose, ranging from 33% in birch wood, to 47% in birch pulp, 
67% in spruce pulp and 75% in cotton (Atalla and Vanderhart 1984; Wickholm et al. 2001; Cosgrove 
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2005). These chains are most closely associated with the various other matrix components (Atalla et al. 
1993; Cosgrove 2005). These complexed chains are the substrate the cellulolytic organism encounters 
(Tomme et al. 1995). The plant cell wall is primarily composed of the polysaccharides cellulose, 
hemicellulose, and pectin, with secondary walls containing lignin, a heterogeneous aromatic polymer 
(Gilbert 2010). These components give the plant its mechanical strength and protection from disease, 
but the exact composition of the plant cell wall varies with species, age of the plant and environmental 
conditions.  
Table 4: Plant cell wall polysaccharides with their structures and functions within the plant cell wall. 
Polysaccharide Structure Function 
Cellulose  unbranched β -1,4 -D-glucan, 
partially crystalline 
Mechanically strong, 
scaffold material 
Hemicelluloses xyloglucan β -1,4 -D-glucan, xylose 
branches on 3 of 4 glucose 
residues 
Binds to surface of 
cellulose, branching 
prevents crystallinity, 
matrix polysaccharide arabinoxylan β -1,4 -D-xylan, arabinose 
branches 
mannan β -1,4 -D-mannan 
glucomanan β -1,4 -D-glucan and β -1,4 -D-
mannan randomly dispersed 
Pectins homogalacturonan Polygalacturonic acid backbone Binds to surface of 
cellulose, promote 
flexibility, matrix 
polysaccharide 
rhamnogalacturan I Alternating disaccharide [(α-1,4)-
D-galacturonic 
acid → (α-1,2)-L-rhamnose], 
branched 
rhamnogalacturonan II 13 different sugars, 20 different 
linkages 
References: (Cosgrove 2005; Gilbert 2010) 
Hemicellulose is composed of heterogeneous polysaccharides of monomeric residues, including 
glucose, galactose, mannose, xylose, arabinose, and glucuronic acid, among others that can form 
hydrogen bonds with cellulose chains (Somerville et al. 2004). The most common hemicelluloses are 
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xyloglucan, arabinoxylan, mannan and glucomannam. The backbones of hemicelluloses polysaccharides 
are decorated with a variety of sugars and acetyl groups (Cosgrove 2005; Gilbert 2010). The exact 
composition of hemicelluloses in a plant varies by species and environmental conditions. Pectins are a 
complex and heterogeneous group of polysaccharides consists of distinctive domains, which are 
believed to be covalently linked together and promote flexibility in the plant cell wall (Cosgrove 2005). 
Lignin is a polymer of phenyl propane units and the most abundant non-polysaccharide component in 
lignocelluloses. Lignin gives the cell wall its mechanical strength and protects the plant from microbial 
and chemical degradation, making it a principle obstacle in making cellulose accessible to enzymatic 
degradation.  
 Hydrolysis of plant biomass is much more complex than for pure cellulose (Rose 2003; Berlin et 
al. 2005; Berlin et al. 2007; Schmer et al. 2008). Commercial enzyme preparations comprising various T. 
reesei enzymes such as endoglucanases, cellobiohydrolases and β-glucosidases are often limited in their 
activity on lignocellulosic substrates, and activities determined on filter paper, Avicel, and CMC do not 
necessarily correlate with activities on biomass (Berlin et al. 2005; Chundawat et al. 2008). Complete 
hydrolysis requires relatively large quantities and diversity of the enzyme product and often must 
incorporate additional enzymes with different catalytic behaviors in order to better degrade 
lignocellulosic biomass (Rosgaard et al. 2006). A comparison of enzyme activities of 14 commercial 
products on filter paper, cellobiose, AZCL-dyed xylan and grass and wheat bran fractions found large 
differences in performance dependent on the substrate (Kabel et al. 2006). Due to the heterogeneous 
composition of plant biomass, the enzymatic components needed for hydrolysis do not fall neatly into 
any catalytic activity category. Efficient degradation requires endocellulase and exocellulase activities as 
well as activity associated with -glucosidase, xylanase, esterase, and additional CWDEs (Berlin et al. 
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2007; Selig et al. 2008). Measuring enzymatic activity on both simple substrates and complex biomass 
substrates such as those that would be fed into a biomass conversion plant may provide more 
information regarding the activity profiles of enzyme mixtures than only looking at one or a few 
substrates. 
Hydrolysis of Native Plant Cell Walls by Synergism in Cellulases and Accessory Enzymes 
 Organisms that utilize cellulose and produce cellulases in nature often do so with a full 
complement of other plant cell wall degrading enzymes. Various species of fungi are an example. The 
profile of cellulolytic enzymes produced varies widely by species. While these species may have the 
genes to produce certain enzymes, their production must be activated by environmental conditions 
(Duff et al. 1987; King et al. 2009). Trichoderma reesei is the major industrial source for cellulases and 
hemicellulases. However, genome sequencing and analysis have revealed that it contains the smallest 
number of plant cell wall degrading enzymes when compared to those found in 13 other fungal 
genomes (Martinez et al. 2008; King et al. 2009). For example, the phytopathogens Magnaporthe grisea 
and Fusarium graminearum contain many more cellulases, hemicellulases, pectinases, carbohydrate 
binding modules, carbohydrate esterases, and polysaccharide lyases than T. reesei does (Martinez et al. 
2008). Some phytopathogens, such as Giberella zeae, produce complete systems for biomass hydrolysis 
including endocellulases, exocellulases, -glucosidases, hemicellulases, and ferulic acid esterases (Phalip 
et al. 2005; Paper et al. 2007; King et al. 2009). In addition to having a greater total number of cell wall 
degrading enzymes predicted from genomic analysis, G. zeae also possesses enzymes from several 
families of glycosyl hydrolases (GH 16, 51, 53, 93) that are not represented in the T. reesei genome 
(Phalip et al. 2005; Paper et al. 2007; Martinez et al. 2008). 
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 The plant cell wall is the major barrier that pathogens must surmount for successful invasion of 
plant tissue (Mendgen et al. 1996; Annis and Goodwin 1997; Esquerre-Tugaye et al. 2000; Tonukari 
2003; Aro et al. 2005; Toth and Birch 2005). Because the living plant can mount defenses, plant 
pathogens need to rapidly penetrate the plant cell wall in order to survive and reproduce (Esquerre-
Tugaye et al. 2000). Thus, plant pathogens must employ a range of cellulases and accessory enzymes to 
quickly infiltrate into the cell and overcome the plant’s defenses (Walton 1994; Annis and Goodwin 
1997; Tonukari 2003).  
 Lignocellulosic biomass is diverse in composition and in nature the degradation of biomass is 
slow due to the presence of lignin and non-cellulose polysaccharides in the cell wall matrix (Berlin et al. 
2005; Berlin et al. 2007). Generally, lignocellulosic biomass must be modified by some sort of 
pretreatment before being presented for enzymatic hydrolysis. Pretreatments can remove the 
hemicellulose fraction or the lignin fraction, or in some cases, just modify the cell wall to make it more 
accessible to saccharification (Gao et al. 2010). Different pretreated biomasses will likely require tailored 
enzyme cocktails to most effectively hydrolyze the available polysaccharides (Rosgaard et al. 2006; 
Berlin et al. 2007). Accessory enzymes such as xylanase and pectinases enhance cellulose hydrolysis in 
lignocellulosic biomass by removing non-cellulosic polysaccharides that coat the cellulose fibers (Berlin 
et al. 2007).  
 Berlin et al. have evaluated cocktails of several fungal cellulases and accessory enzymes to 
optimize the accessibility and hydrolysis of cellulose in pretreated softwoods and corn stover (Berlin et 
al. 2005; Berlin et al. 2007). They have also investigated the inhibitory effects of lignin in the softwood 
preparation (Berlin et al. 2006). Lignin reduces the accessibility of cellulose to cellulases and adsorbs 
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cellulases for non-productive binding. In their 2005 study, Berlin et al. screened the hydrolytic abilities of 
three commercial T. reesei cellulase preparation and four preparations they obtained through random 
mutagenesis and selection of Trichoderma and Penicillium strains in the laboratory on pretreated 
softwoods and various model cellulose substrates. They found little correlation between a preparation’s 
activity on the model substrates with the activity on the pretreated wood, but did find significant 
correlation between activity on softwood and endogenous β-glucosidase levels (Berlin et al. 2005). The 
authors also found good correlation between the hydrolytic abilities of the preparations on softwoods 
and the endogenous levels of xylanase activity, which indicates a significant contribution from xylanases 
to the effectiveness of a cellulase preparation on lignocellulosic biomass. Berlin et al. point to this result 
as evidence that xylanases are a good target for improvement in reducing the costs of cellulase 
preparations. Building on this result in 2007, Berlin et al. developed a high-throughput microassay to 
assess and identify an optimal mixture of cellulases and appropriate supplements to hydrolyze cellulose 
in pretreated corn stover (Berlin et al. 2007). The mixture identified had approximately a twofold 
reduction in total protein required to reach a specified hydrolysis target. Rapid analysis of experimental 
and commercial cellulase preparations like the method in Berlin et al. can contribute to the reduction of 
costs for industrial enzymes and for prospecting for novel cellulase and plant cell wall degrading 
enzymes in nature.  
 In addition to the method developed by Berlin et al. described above, much work has been done 
to develop high through-put technologies for characterizing enzymes and biomass for hydrolysis. The 
conventional International Union for Pure and Applied Chemistry (IUPAC) filter paper assay (FPA) 
method for measuring hydrolytic activity has been automated by Decker et al. (2003) to reduce operator 
error and adapted to use small reaction volumes by Xiao et al. (2004) (Decker et al. 2003; Xiao et al. 
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2004; Xiao et al. 2005). A high-throughput methodology for measuring the digestibility of lignocellulosic 
biomass has been developed by Chundawat et al. (2008) using crystalline cellulose (Avicel) and ammonia 
fiber expansion (AFEX) pretreated-corn stover as substrates and a bio-enzymatic assay to determine 
fermentable sugars (Chundawat et al. 2008). King et al. adapted the methods developed by Xiao et al. 
(2004, 2005) using 3,5-dinitrosalicylic acid (DNS) to use biomass substrates to measure the crude native 
hydrolytic abilities of fungal plant pathogens (King et al. 2009). The authors developed a standardized 
method for quantitative high throughput characterization of prospective microbial sources for enzymes 
capable of hydrolyzing plant cell wall polysaccharides. Typical biomass substrates were included in the 
analysis due to the incongruity between a cellulase preparation’s activity on a model cellulose substrate 
and its activity on a biomass substrate, as previously noted by Berlin et al. and others. In designing the 
assay, the effects and interactions of fungal species, growth media, and assay temperature on hydrolysis 
rates of different polysaccharide substrates were examined in order to develop a standardized 
methodology for evaluating a large number of isolates. From a small initial screen of the native crude 
enzyme profile of four plant pathogens, including a strain of T. reesei, a few isolates were determined to 
have comparable or superior activity on biomass substrates than the crude T. reesei preparation. These 
strains are worthy of further investigation and the method has since been applied to a larger collection 
of possible cellulase source microbes.  
 Gao et al. set about rationally designing an enzyme cocktail of cellulases and hemicellulases 
specific for ammonia fiber expansion (AFEX) pretreated biomass (Gao et al. 2010). They used a 
combination of six enzymes, including endocellulases, endoxylanases, exocellulases, β-glucosidases and 
β-xylosidases at three different total protein loadings inclusive of all six enzymes (Gao et al. 2010). They 
found that the optimal enzyme ratios for maximum hydrolysis were very dependent on the total enzyme 
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loading. Incorporating the hemicellulases into the synergistic mixture significantly contributed to the 
overall glucose yield, probably due to the increased accessibility to cellulose as the hemicellulose was 
broken down. Statistical plots of their data reveal that the relative ratio of enzymes becomes less 
important at higher total protein loading, provided there is at least a minimal amount of each 
component in their mixture (Gao et al. 2010). This is an interesting result, showing not only the value of 
accessory enzymes in a synergistic mixture, but also that effective hydrolysis can be achieved with lower 
total protein loading if the appropriate ratios of synergistic components are used. Reducing the amount 
of enzyme required reduces the costs associated with the overall process.  
 Meyer et al. used a similar method to begin developing a minimal enzyme cocktail for biomass 
processing (Meyer et al. 2009). The minimal enzyme cocktail concept addresses the need to find the 
minimum number of enzymes required, the minimum protein loading, and the optimum combination of 
these components to maximize the hydrolysis of cellulose and hetero-xylans in biomass. This concept 
requires the investigation of two major hypotheses: first, that native, multi-component crude cellulolytic 
and/or xylan degrading enzyme cocktails are not necessarily optimal for degradation of pretreated 
materials; and second, that it is possible to replace these crude native enzyme cocktails with more 
efficient designed cocktails. (Meyer et al. 2009). Meyer et al. use the suite of cell wall degrading 
enzymes produced by Trichoderma reesei as an example of a native, multi-enzyme system. T. reesei 
secretes two exocellulases, five different endocellulases, some β-glucosidase activity, some 
endoxylanase activity and at least one β-xylosidase enzyme (Rosgaard et al. 2007; Meyer et al. 2009). 
The exocellulases are produced in the greatest quantity relative to the other proteins in the cocktail, at 
approximately 50-80% of the total, followed by the endocellulases at approximately 6-20% of the total 
(Rosgaard et al. 2007). These ratios are sufficient for synergistic mixtures on BMCC (Jeoh et al. 2002). In 
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the time since T. reesei was first isolated, various mutants have increased the overall production of 
protein, but have not altered the profile of proteins produced by the microorganism, making it a favorite 
for cellulase production in industry. However, these activities are traditionally determined on purified 
cellulose substrates, and not necessarily on pretreated biomass, making it difficult to predict how the 
native cellulase cocktail will perform on more complicated substrates. Pretreatment may produce 
inhibitors to both hydrolysis and fermentation, and the sensitivity of enzyme components to these 
compounds may not be apparent from activity assays on produced cellulose substrates. Meyer et al. 
tested varying ratios of the four main cellulolytic activities present in native T. reesei secretions to find 
one that is optimal for the degradation of cellulose in pre-treated straw. They also examined 
arabinoxylan degradation and synergistic mixtures between T. reesei cellulases and plant cell wall 
degrading enzymes from other microorganisms. Additionally, Meyer et al. investigated what effect 
different pretreatments would have on the ratios of enzymes required (Meyer et al. 2009). The results 
showed that an altered profile of the four cellulases from T. reesei was more effective at hydrolyzing 
pretreated materials than the native profile. Additionally, a synergistic mixture between T. reesei 
cellulases and arabioxylan degrading enzymes from other microorganisms was more effective at 
degrading pretreated straw than the T. reesei native profile, and they confirmed that differently 
pretreated substrates require different profiles of cell wall degrading enzymes for optimal hydrolysis.  
 The results from the Berlin, Meyer and Gao studies demonstrate the need for thoughtfully 
designed enzyme cocktails composed of cellulolytic and accessory enzymes for the efficient hydrolysis of 
lignocellulosic biomass. These studies complement our own native enzyme profile study, King et al., 
investigating the efficiency of secreted proteins from virulent fungal plant pathogen at degrading plant 
cell wall materials (King et al. 2009). 
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Cellulase-Cellulose Interaction  
 The cellulase-cellulose interaction is a heterogeneous reaction, involving several steps to 
liberate smaller oligosaccharides from the polymer. These steps include: 
1. Adsorption of cellulases onto the cellulose substrate 
2. Location of a cleavable bond 
3. Formation of an enzyme-substrate complex 
4. Hydrolysis of the bond 
5. Desorption of the cellulase from the cellulose 
(Bansal et al. 2009). There has been much research devoted to understanding the mechanism by which 
cellulases bind to cellulose and to what extent binding influences the rate and extent of hydrolysis 
(Bothwell, 1997; others). Early work by Mandels et al. at the United States Army Research and 
Development Laboratory in Natick, Massachusetts demonstrated saturating binding behavior (Mandels 
et al. 1971; Bothwell et al. 1997). 
 The binding of cellulases to cellulose and the formation of the cellulose-cellulase complex is a 
critical step in the hydrolytic reaction (Jung et al. 2003). In an intact cellulase, the CBM is thought to bind 
to the cellulose polymer first, bringing the CD into close proximity to the cellulose in order for the 
reaction to occur. The simplest model of a cellulase has one CBM and one CD, though there are 
instances in which cellulases or other plant cell wall degrading enzymes have multiple CBM’s (Boraston 
et al. 2004). This is perhaps a reflection of the complex nature of cellulose within the plant cell wall 
matrix.  
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 In order to better understand the mechanism by which cellulases bind cellulose for hydrolysis, it 
is important to start with a simplified system. Cellulose substrates, as discussed, vary widely by source 
and exhibit different sizes, shapes, crystallinty, and pore structure, among other characteristics (Tomme, 
1995). Bothwell et al. compared the binding of several intact cellulases from T. fusca and T. reesei and 
the CBM from the T. fusca exocellulase on both BMCC and Avicel (Bothwell et al. 1997). The T. fusca 
cellulases all possess Family 2 CBMs and the T. reesei cellulase has a Family 1 CBM. Maximum binding 
levels for all cellulases were 9-30 times higher on BMCC than on Avicel and association constants for 
individual cellulases were dependent on the substrate. The morphologies of BMCC and Avicel are very 
different from one another, even though both are considered crystalline cellulose substrates. It has 
been experimentally shown that BMCC has a much greater surface area per mass than Avicel, which is 
consistent with the results that Bothwell et al. found (Bothwell et al. 1997). On both substrates, the 
maximum observed adsorption decreased with increasing molecular weight of the enzyme. Based on 
these two observations and the assumption that the maximum bound fraction of enzyme is proportional 
to the available surface area of cellulose, Bothwell et al. were able to establish some general trends for 
cellulase binding on cellulose. First, both substrates show a decrease in accessibility with increasing 
cellulase molecular weight. Second, the decrease is greater on Avicel than on BMCC for cellulases 
smaller than 60kDa. BMCC provides more accessible pore structure, limiting the observed differences in 
binding with size, while Avicel has a much more restrictive structure (Bothwell et al. 1997). 
 Cellulase Binding and Kinetic Models 
 Experimental data from cellulose hydrolysis by cellulases can highlight aspects of the reaction 
mechanism, and potential obstacles to industrial use of cellulases in biotechnology, but these 
observations cannot necessarily be scaled up to a process level design. To this end, mathematical 
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modeling is an important tool in understanding cellulase-cellulose interactions at the molecular level 
and what the implications of this reaction are for reactor-scale design (Bansal et al. 2009). Modeling 
efforts began in the 1970s with Michaelis-Menten based approaches by Suga et al. and others (Suga et 
al. 1975). Generally, models for cellulase-cellulose interaction can be broken down into three categories: 
empirically based models, Michaelis-Menten based, and adsorption based. Additional models exist for 
soluble substrates and two models have been developed using jamming and fractal kinetics (Xu and Ding 
2007; Bansal et al. 2009).  
 Michaelis-Menten Based Kinetics 
 Suga et al., Okazaki and Moo-Young, Gusakov et al., and Nidetzky et al. are all examples of 
modeling work based on the Michaelis-Menten framework (Okazaki and Moo-Young 1978; Gusakov et 
al. 1985; Nidetzky et al. 1994). The model assumes the reaction between cellulases and cellulose follows 
the common Michaelis-Menten scheme:  
    
  
 
  
  
  
     1 
Where S is the concentration of substrate, E is the concentration of enzyme, ES is the enzyme-substrate 
complex, P is the product and kn is the kinetic constant for each reaction.  
 Suga et al. and Okazaki and Moo-Young used analytical methods to determine kinetic 
parameters for cellulase hydrolysis, both in single component mixtures and in synergistic mixtures. The 
specifics of their models will be discussed as they pertain to modeling synergistic mixtures in the next 
section. Gusakov et al. developed a two phase substrate model, reflecting both the amorphous and 
crystalline phases of the cellulose based on the following principles: (1) the products of the hydrolysis 
27 
 
are D-glucose and cellobiose only; (2) D-Glucose and cellobiose are produced directly from cellulose by 
different enzymes and independently of each other, cellobiose can be hydrolysed to D-glucose by 
cellobiose; (3) cellulases are competitively inhibited by relevant products; (4) during hydrolysis, the 
cellobiose-producing enzymes are inactivated, while the D-glucose-producing enzymes retain their 
activity; (5) cellulose consists of amorphous and crystalline regions; and (6) the amorphous moiety of 
cellulose is hydrolysed at a higher rate than the crystalline moiety. The model is composed of the 
following system of equations: 
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Where Sam is the concentration of amorphous substrate, Scr is the concentration of crystalline substrate, 
G2 is cellobiose, G is glucose and: 
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 3 
is the rate of cellobiose formation from amorphous cellulose, 
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 4 
is the rate of cellobiose formation from crystalline cellulose, 
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is the rate of glucose formation from amorphous cellulose, 
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 6 
is the rate of glucose formation from crystalline cellulose, and 
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 7 
is the rate of glucose formation from cellobiose (Gusakov et al. 1985). Vi represents the maximum rate 
of reaction, Km,i, is a Michaelis constant and Ki,i is the constant of inhibition. The system of equations (2) 
was solved by numerical integration on a computer and the results fit well for a batch reactor at 70-80% 
conversion. The model enables the prediction of the extent of cellulose hydrolysis and the hydrolysate 
composition at any moment of the reaction (Gusakov et al. 1985). The time course aspect of the model 
is important, as cellulose hydrolysis by cellulases is a dynamic system with rates of hydrolysis changing 
with time. This model was meant to highlight the relative effect of each factor affecting the hydrolysis, 
to better design the reaction system for a batch reactor. 
 Langmuir Kinetics 
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 Adsorption kinetics is another example of a modeling framework for cellulase-cellulose 
interactions. Bothwell et al. used Langmuir kinetics to model the binding behavior for the cellulases on 
the cellulose substrates. The Langmuir adsorption model was developed to consider the amount of an 
ideal gas adsorbed on an idealized surface as a function of partial pressure or concentration at a fixed 
temperature. The gas is presumed to bind on distinct binding sites contained on the surface. The basic 
assumptions hold well for simplified cellulase binding kinetics. The assumptions are as follows: 
1. The system is at equilibrium, that is, the rate of adsorption equals the rate of desorption 
2. The surface with the binding sites is perfectly flat, with no imperfections 
3. All binding sites are equivalent 
4. Each site can hold at most one unit of the adsorbate 
5. There are no interactions between adsorbate units on adjacent sites. 
The reaction mechanism governing Langmuir kinetics is as follows: 
           8 
Where Af is a some ideal gas in a free solution, S is the idealized surface and Aads is the adsorbed 
complex. The simplest model of Langmuir adsorption assumes that adsorption and desorption are 
elementary processes where the rate of adsorption, rad, and the rate of desorption, rd are given by the 
following expressions: 
            9 
           10 
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Where kad and kd are the kinetic parameters for adsorption and desorption respectively. Since the 
system is assumed to be at equilibrium, with the rate of adsorption equal to the rate of desorption, 
equations 9 and 10 can be set equal to each other and rearranged to give: 
 
    
   
 
   
  
    
  11 
Where   
 is some kinetic parameter incorporating both the parameters for adsorption and desorption. 
The concentration of all sites on the surface S0 is given by the sum of the free sites and the occupied 
sites: 
           12 
By substituting this back into equation 11 we obtain: 
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By defining the fraction of surface sites occupied by A as θA: 
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And combining that definition with the previous equation yields the Langmuir adsorption isotherm: 
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 For cellulose hydrolysis, the model predicts the amount of bound species and two binding 
parameters, the association binding constant and the maximum binding level of the enzyme (Bothwell 
31 
 
and Walker 1995). While some assumptions hold and the model tends to fit empirical data, there are 
some concerns. The cellulose surface is almost guaranteed not to be flat, particularly if the cellulose is 
embedded in a matrix including hemicellulose and lignin, as in the plant cell wall. Additionally, some 
binding sites may be in amorphous or more easily accessible regions on the cellulose while others may 
be more crystalline, making these sites inequivalent (Jung 2002). Despite this, Langmuir is a popular 
model for cellulase binding because it is a simple mechanistic model to compare kinetic properties of 
cellulase-cellulose systems (Bothwell and Walker 1995).  
 Estimating Langmuir Parameters 
 Bothwell et al. described a Langmuir binding isotherm for cellulase hydrolysis that predicts the 
amount of bound species, Eb, as a function of the free species concentration and two binding 
parameters, the association binding constant, Ka, and the maximum binding level of the enzyme, Eb,m. 
    
       
      
 16 
Where Ef is the free enzyme concentration. 
The kinetic parameters are estimated by fitting the theoretical curve to a set of experimental data. The 
Langmuir model can be linearized to estimate the kinetic parameters, Ka and Eb,m, using the Lineweaver-
Burk, the Hanes-Woolf, or the Eadie-Hofstee linearizations, shown in Table 5. (Bothwell and Walker 
1995).  
Table 5: Linearizations of Langmuir adsorption isotherm. 
Linearization Langmuir Isotherm 
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The transformed data are plotted and the parameters can be estimated either graphically or by 
linear least squares. The Eadie-Hofstee linearization transformation has resulted in non-linear plots for 
several investigators, however (Woodward et al. 1988; Gilkes et al. 1992; Bothwell and Walker 1995). 
The non-linear behavior can be attributed to enzyme interactions and/or multiple binding sites, since 
cellulases have two functional domains that react with cellulose (Bothwell and Walker 1995). The 
accuracy for the linearizations in predicting the kinetic parameters is affected by experimental error, 
specifically the inversion of the variables in the Lineweaver-Burk and Hanes-Woolf linearizations causes 
the smallest values of the dependent variable, Eb, to be unduly accentuated in determining the 
placement of the fitted line (Bothwell and Walker 1995). In the Hanes-Woolf and the Eadie-Hofstee, the 
independent and the dependent variables, Ef and Eb, respectively, appear on both sides of the equation, 
creating a correlation effect and introducing error on both the abscissa and the ordinate. 
 Bothwell et al. also investigated nonlinear forms of the Langmuir equation, specifically: the 
traditional Langmuir form, equation 16; an Eb vs Et form, shown in equation 18; and an Ef vs Et form, 
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shown in equation 19. The latter two models were derived using the following cellulase mass balance 
and substituting it into the traditional Langmuir form: 
           17 
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Equations 18 and 19 are the solutions to the quadratic equation resulting from the substitution of 
equation 17 into the traditional Langmuir form (16). Both equations 18 and 19 have Et as their 
independent variable, and Et is a known, controlled input, which eliminates the need to convert Ef to Et 
and allows for a direct prediction of Eb from the resulting graph. Also, since Et is known, it can be 
assumed that no errors are associated with the independent variable (Bothwell and Walker 1995).  
 The Bothwell study compared the linear and nonlinear models and various parameter 
estimation techniques to find the model that best fit a set of experimental data. The three linearization 
techniques were coupled with the general least squares technique to estimate the kinetic constants. The 
results showed significant variation among the kinetic parameters, with Eb,m varying by a factor of 1.5 
and Ka by a factor of 3.6 between the highest and lowest predicted values. When the predicted values 
were put back into the Langmuir form and the model plotted with the data, the curves were not a good 
fit. The best fitting data was that obtained by the Hanes-Woolf linearization. Four methods were used to 
estimate the binding constants from the nonlinear models: Gauss, Box-Kanemasa, Levenburg-Marquadt 
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and Complex box. Of the four, the Complex Box always converged on a global minimum independently 
of the initial parameter guesses and the Levenburg-Marquardt always converged on a solution, so long 
as the initial parameter guesses were in the vicinity of the true values. The nonlinear models all had a 
better fit to the experimental data (Bothwell and Walker 1995).  
Table 6: Values of the Langmuir kinetic parameters from literature 
Cellulase Cellulose 
Substrate 
Eb,m (umol g
-1) Ka (l umol-
1) Reference 
T. fusca Cel6B Avicel 0.4 0.2 Bothwell et al. 1997, at 50°C 
T. fusca Cel6B BMCC 11.4 0.1  
T. fusca Cel5A Avicel 0.67 0.22  
T. fusca Cel5A BMCC 12 0.13  
T. fusca Cel9A Avicel 0.34 0.077  
T. fusca Cel9A BMCC 9.7 0.044  
T. fusca CBM Avicel 1.77 0.182  
T. fusca CBM BMCC 16.5 0.124  
T. reesei CBHI Avicel 0.48 0.09  
T. reesei CBHI BMCC 4.6 0.28  
T. reesei CBHI Avicel 1.1 0.28 Stalhberg et al. 1991, at 25°C 
T. reesei CBHI BMCC 4.2 0.43 Srisodsuk et al. 1993, at 4°C 
T. reesei CBHI Avicel 0.29 na Tomme et al. 1988, at 20°C 
T. reesei CBHI Avicel 0.1 na Woodward et al. 1988, at 23°C 
 
Additional adsorption models for cellulase-cellulose interaction include Converse and Optekar, 
Gan et al., Zhang and Lynd, and Moran-Mirabal et al (Converse and Optekar 1993; Zhang and Lynd 2006; 
Moran-Mirabal et al. 2008).  
 Jung et al. expanded upon the idea of the Langmuir adsorption isotherm for higher 
concentrations of cellulase and to account for the pore structure and interstice spaces observed in 
BMCC. Experimental data was fit to an equation that contained three submodels representing three 
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different regions of binding: 1) Langmuir binding (region I), 2) interstice penetration (region II), and 3) 
interstice saturation (region III). The three submodels are shown in equations (20)-(22) below: 
   (     )  
    
      
            20 
   (     )                       21 
   (     )                 22 
Where α1 represents the transition from Langmuir binding to interstice penetration, α2 represents the 
transition from interstice penetration to interstice saturation. β01 and β11 related to the Langmuir 
parameters, β11 is the equilibrium binding constant Ka and β01 is the product of the equilibrium constant 
Ka and the maximum amount of adsorbed enzyme on the freely accessible surface, Ee,m. β12 is the ratio of 
interstice to free enzyme and β03 is the total maximum binding level, Et,m, observed for region I, the Ee,m, 
and inside the interstices, Ei,m, such that            . The combined model for interstice 
saturation is shown in equation (23) below: 
   ( )     (   (
    
      
         )     ) 23 
Where   ( ) is the bound concentration of enzyme and χ is is the free concentration of enzyme. The 
model adequately simulates cellulase saturation on the freely accessible surface and cellulase 
penetration into the constrained interstice space. 
 Assessing the Binding Dynamics 
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 Jung et al examined the binding behavior of intact T. fusca cellulases Cel5A, Cel6B and Cel48A, 
their corresponding CDs, and their CBMs at 5°C. The CBM dominates binding behavior of intact 
cellulases, but the CD is an important component to consider in analyzing how the two domains 
influence binding on cellulose substrates and subsequent hydrolysis (Jung et al. 2003). At 5°C, the intact 
cellulases bind irreversibly to BMCC due to the irreversible binding of their CDs. Intact cellulases were 
found to penetrate the interstice surface and bind there, but the maximum amount of bound cellulase 
in the interstice depended on the dimensions of the enzyme, suggesting the importance of molecular 
size as a parameter of interstice binding capacity (Jung et al. 2003). CBMs were found to be able to 
freely access the interstice surfaces, likely due to their smaller size, resulting in much higher values for 
Eb,m. Jung et al. explained how limited accessibility to the interstice surfaces of BMCC could impact 
reversibility. Enzymes bound to constrained surfaces were trapped, and therefore seemed to be bound 
irreversibly.  
 While there is an extensive body of literature for cellulase-cellulose modeling, there are some 
inherent limitations for each category and there is a need for more robust models. Empirical models 
help quantifying the effects of various substrate and enzyme properties on hydrolysis, but are not 
applicable outside of the experimental conditions under which they were developed. Michaelis-Menten 
based models fit experimental data well, but are based on mass action laws for homogeneous reactions 
that cannot be directly applied to the heterogeneous cellulase-cellulose reaction. The Langmuir 
adsorption isotherm also fits experimental data well, but suffers from underlying assumptions about the 
system that may not apply to the actual reaction (Zhang and Lynd 2004; Bansal et al. 2009). In all cases, 
a more robust model must consider more enzyme and substrate properties in order to gain a more 
fundamental understanding of the relevant variables, such as concentration, degree of polymerization, 
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accessibility, adsorption capacity, cellulase composition, adsorbed cellulase concentration and 
synergism (Bansal et al. 2009). Such a model is also necessary to identify the rate-limiting factors as well. 
Though there are limits to the mathematical frameworks of the models previously described, they are 
still an important tool in understanding the mechanism of cellulase-cellulose hydrolysis. 
 Measuring the concentration of bound cellulase to obtain an experimental data set that can be 
fit to a model has been performed both by direct and indirect methods. The concentration of cellulases 
in a supernatant solution is measured and the bound fraction is determined based on the difference 
between the known total enzyme input and the measured enzyme in free solution. The indirect 
methods use cellulase activity assays to determine the concentration of free enzyme. Substrates such as 
filter paper and CMC can be used to determine the concentrations of exocellulases and endocellulases 
(Walker et al. 1993; Santhanam and Walker 2008). These assays, however, are not very specific, as 
exocellulases also have some small activity on CMC. Direct methods of measuring the concentration of 
cellulases in a solution include enzyme linked immunosorbent assays (ELISA), radiolabeling, fast protein 
liquid chromatography (FPLC) and capillary electrophoresis (Santhanam and Walker 2008). These 
methods, while directly measuring the amount of protein, have their limitations in estimating the 
concentration of bound cellulase on cellulose. Immunoassays are extremely specific and require 
antibodies exclusive to the enzyme of interest. Generating these antibodies is a time consuming process. 
The radiolabeling techniques are limited to the availability of different radio isotopes for labeling 
proteins, which is not such a problem for single component systems, but limits the study of enzymes in 
mixtures. Proteins may interact with the capillary surface in capillary electrophoresis at low pH, making 
measurements difficult (Santhanam and Walker 2008). Even if these limitations were overcome, these 
38 
 
are all still measurements of the free enzyme in a system when the bound concentration is the desired 
value. 
 Fluorescently labeled cellulases coupled to an appropriate detection system can be used to 
directly measure the concentration of cellulase bound to a cellulose surface, both in single component 
systems and in mixtures of cellulases (Jeoh et al. 2002; Moran-Mirabal et al. 2008; Santhanam and 
Walker 2008; Moran-Mirabal et al. 2009). The intensity of the fluorescent signal corresponds to the 
concentration of bound cellulase. Using fluorescence to detect bound cellulases has greater sensitivity 
and the many fluorescent tags and dyes available make it possible to simultaneously measure multiple 
types of cellulases acting synergistically in a solution. Knowing the concentration of bound cellulase 
makes the dependent variable in the Langmuir models a known quantity, eliminating the error 
associated with estimating the quantity from a measure of the free enzyme. Jeoh et al., Santhanam and 
Walker, and Moran-Mirabal et al. have demonstrated the possibility of measuring the concentration of 
cellulases on cellulose using a fluorescent imaging system (Jeoh et al. 2002; Jeoh et al. 2006; Moran-
Mirabal et al. 2008; Santhanam and Walker 2008). Jeoh et al. used a spectrophotometer to measure 
fluorescent signal and made individual time point measurements in triplicate to determine the bound 
concentration of cellulose in spin tubes (Jeoh et al. 2002; Jeoh et al. 2006). Santhanam and Walker used 
a micro-plate reader for small volume reactions in a high-throughput set-up to measure bound cellulase 
concentration on BMCC (Santhanam and Walker 2008). Both of these methods provided good data at 
distinct time points, but were lacking a continuous temporal dimension. Moran-Mirabal et al. adapted 
the fluorescent enzyme system for larger volume reactions on BMCC on an immobilized glass substrate, 
which could be mounted on a microscope and observed continuously, or at distinct time points with 
sufficiently short intervals to discern changes in binding rate during the rapid initial phase, the leveling 
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off phase, and finally the saturation phase (Moran-Mirabal et al. 2008; Moran-Mirabal et al. 2009). 
Moran-Mirabal et al. demonstrated the feasibility of using this reaction system with single component 
cellulase reactions, but with appropriate filters and objective, it can be extended to mixtures of 
cellulases as well. This temporal resolution will allow us to track changes in the dynamic binding rates of 
cellulases in a synergistic mixture. 
Synergism 
 Individual cellulases exhibit low activities on cellulose substrates. A cocktail of cellulases with 
different modes of catalysis will effectively hydrolyze cellulose substrates, both pure and in 
lignocellulosic biomass better than would be expected of each component working individually (Irwin et 
al. 1993; Walker et al. 1993; Santhanam and Walker 2008). This enhanced activity is called synergism 
and is measured as the degree of synergistic effect (DSE), given by the following equation 24. 
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Where Xmix is the activity of a synergistic mixture and Xi is the activity of the individual enzymes in that 
mixture. The DSE is the ratio of the activity of a cellulase mixture to the sum of the activities of the 
individual components of the mixture (Jeoh et al. 2002; Santhanam and Walker 2008). The synergistic 
interaction of multiple cellulases has been observed to effectively hydrolyze cellulose, and synergistic 
mixtures of cellulases with accessory enzymes have been observed to more effectively degrade the 
plant cell wall components that comprise lignocellulosic biomass.  
Table 7: Degree of synergistic effect for mixtures of cellulases on different celluloses at 50°C. 
Cellulase Mixture Cellulose Cellulase molar ratio DSE Reference 
T. reesei     
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Endo/Exo Avicel 105 1 1.2 Woodward et al. 
1988 
Endo/Exo Avicel 105 1.25 1.5 Woodward et al. 
1988 
T. fusca     
Cel5A/Cel6B BMCC 1 1.9 Jeoh et al. 2002 
Cel5A/Cel9A BMCC 1 1.18 Jeoh et al. 2002 
Cel6B/Cel9A BMCC 1 1.87 Jeoh et al. 2002 
Cel5A+Cel6B+Cel9A BMCC 0.1 + 0.75 + 0.15 3.3 Santhanam and 
Walker 2008 
 
In nature, cellulose degrading organisms, such as plant pathogenic fungi, produce a cocktail of 
enzymes, including cellulases with varying modes of action and accessory enzymes for biomass 
hydrolysis (Phalip et al. 2005; Paper et al. 2007; King et al. 2009; King et al. 2011). Though there has 
been much experimental work to describe synergism and its effect on cellulose hydrolysis, modeling 
attempts have been somewhat limited by the complicated nature of the mixtures and the reaction itself. 
Modeling synergistic kinetics will require separate mathematical expressions for each cellulase 
component and must include the change in available binding sites on the substrate as a variable (Bansal 
et al. 2009). It is even more difficult to model cellulase kinetics on lignocellulosic biomass due to the 
heterogeneous nature of the substrate itself. A model for lignocellulosic degradation must include 
mathematical expressions for each cellulase, any accessory enzymes, new binding sites created by 
cellulase activity and new binding sites and surfaces liberated by the actions of hemicellulases and other 
plant cell wall degrading enzymes. 
 Jeoh et al. observed cellulase binding on BMCC using mixtures of T. fusca cellulases Cel5A, Cel6B 
and Cel9A, representing a classical endocellulase, an exocellulase and a processive endocellulase 
respectively, at 5 and 50°C (Jeoh et al. 2002). It was hypothesized that the effects of synergism are 
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related to cellulase binding in mixtures. At 5°C, binding levels of cellulases in mixtures were only 22-70% 
of observed binding levels of single components and the degree of synergistic effect (DSE) observed was 
<1, indicating anti-synergistic behavior. Cellulases exhibit very little activity at temperatures < 40°C, so 
this lower extent of binding is due to competition for a limited number of available binding sites (Jeoh et 
al. 2002; Jung et al. 2003). At 50°C, binding levels in mixtures were observed to be 40-126% higher than 
binding levels for single components, with at DSE >1. The higher binding is due to an increase in the 
number of available binding sites, created by the greater extent of hydrolysis observed (Jeoh et al. 
2002). Furthermore, Jeoh described the effect of varying the loading molar ratio of cellulases in binary 
mixtures on synergism, using the cellulases described above. The DSE was found to be sensitive to the 
molar loading ratio, and that a combination of an exocellulase with either an endocellulase or a 
processive endocellulase enhanced synergism in both hydrolysis and binding (Jeoh et al. 2006). Limited 
synergism was observed in the combination of the endocellulase with the processive endocellulase. 
These observations support the idea that the activity of endocellulases increases the number of 
available binding sites for exocellulases in a mixture. Binary synergistic mixtures are also influenced by 
cellulose recalcitrance, with less synergistic effect observed on more recalcitrant substrates (Jeoh et al. 
2006). The availability of cellulase binding sites increases with increased hydrolysis activity, but easily 
hydrolysable fractions are generally degraded first, leaving a more recalcitrant substrate for the 
enzymes to act on. In a time course experiment of sufficient length, cellulases in a mixture could be 
observed binding on the easily hydrolysable fraction, followed by desorption of enzymes from 
hydrolysed materials and the binding to the more recalcitrant fraction. Whether the endocellulases or 
exocellulases bind more on the recalcitrant fraction, or if the concentration of bound enzymes changes 
from endos bound to a greater extent to exos bound more, is an interesting question.  
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 Jeoh et al. attempted to answer this question with binding time course data for BMCC and pre-
hydrolyzed BMCC (PHBMCC), representing the easily hydrolysable and the more recalcitrant fractions of 
cellulose (Jeoh et al. 2006). Samples of either BMCC or PHBMCC were incubated with binary mixtures of 
T. fusca cellulases Cel5A, Cel6B and Cel9A for up to 16 hours and the extent of hydrolysis and 
concentration of bound enzymes were measured to calculated DSE and the degree of synergistic binding 
(DSB). DSB is defined as follows: 
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Where Eb,mix is the concentration of bound enzyme in the mixture and Eb,single is the concentration of 
bound cellulase in a single component reaction. Observing the DSB throughout a time course provided 
some insight on whether one or both cellulases in a mixture exhibited increased binding due to 
synergism and when that enhanced binding occurred. On BMCC, all three binary mixtures showed rapid 
initial binding in the first two hours, after which time the bound concentrations leveled off or decreased. 
In all three mixtures, at least one of the cellulases in the mixture exhibited a DSB ≥ 1. On the PHBMCC, 
the temporal binding trends showed more variation, with little evidence of enhanced binding effects. 
Rapid binding in the first two hours was observed again, but not to the extent observed on the BMCC. 
Interestingly, the only binary mixture to show any synergistic binding was a mixture of 70% Cel6B and 
30% Cel9A. The enhanced binding is only apparent towards the end of the experiment, after 10 hours, 
when the bound concentration of both enzymes begins increasing again after having leveled off from 
some initial rate. This result shows the importance of good temporal data, as end point data would not 
have shown the second increase in binding after the leveling off period. This study showed enhanced 
activity from the same binary mixture at 16 hours on PHBMCC, but the other binary mixtures did not. 
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Cellulase binding on cellulose is a dynamic system, which is apparent in the 50°C reactions Jeoh et al. 
observed. Jeoh et al. concluded that synergism decreases as the cellulose substrate becomes more 
recalcitrant, but the results they observed with Cel9A in the binary mixture on the more recalcitrant 
cellulose suggest that there may have been endo-endo synergism (Jeoh et al. 2006).  
 Continuing work in the Walker lab, Santhanam and Walker developed a high-throughput assay 
to measure binding and synergism in ternary mixtures of cellulases on BMCC (Santhanam and Walker 
2008). The ternary mixtures investigated were composed of T. fusca cellulases Cel5A, Cel6B and Cel9A, 
an endocellulases, exocellulase and a processive endocellulases respectively. The results showed the 
highest DSE with all three cellulases in the mixture and confirmed that the exocellulase should be at 
least 75% of the enzyme loaded to achieve optimal hydrolysis. Interestingly, when the maximum extent 
of hydrolysis was observed, exocellulases were 90% of the measured bound enzymes. Exceeding this 
level of exocellulase binding, however, did not correspondingly increase the observed hydrolysis. 
Despite being at higher ratios in the loaded mixture, the bound fractions of Cel5A and Cel9A were 
relatively low, confirming the previous work of Jeoh et al. showing that only 10% or so of the loaded 
mixture should be Cel5A (Jeoh 2002, confirm this). What is interesting about these ternary mixtures is 
that they are closer to what is observed in nature, having exocellulase activity, classical endocellulases 
activity and processive endocellulases activity. As mentioned, Jeoh et al. observed little synergism effect 
between the T. fusca endocellulases and processive endocellulases, yet the organism produces both 
(Jeoh et al. 2006).  
 Modeling of Synergistic Interactions 
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 Modeling synergistic mixtures will require individual mathematic expressions for each enzyme 
component and some expression to account for the creation of new binding sites by enzymatic action 
(Bansal et al. 2009). Adsorbed concentrations of cellulases in a mixture are susceptible to change as 
substrate conversion progresses, making it important to study these variations and the implications for 
synergism.  
 Michaelis-Menten Based Synergistic Models 
 Many models for synergistic behavior rely on a Michaelis-Menten type kinetic framework, 
despite the limitations it has for cellulase-cellulose interactions. One of the earliest attempts to model 
synergistic behavior between an endocellulase and an exocellulase was presented by Suga et al. in 1975 
based on Michaelis-Menten kinetics. From this basis, the authors derived the following model for the 
action of endocellulases on polysaccharide chains of length i:  
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Where (CES)i is the concentration of the enzyme-glycosidic bond complex on the chain length i 
fragments. For the change in enzyme-glycosidic bond complex, the following equation applies:  
 
 (   ) 
  
     (   )   (     )(   )  27 
For the change in free enzyme: 
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Using a quasi-steady state assumption, the left side of equation 27 can be neglected and the remainder 
combined with equation 28 to yield: 
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By summing over i and rearranging from equation 29 the following equations are obtained: 
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From equation 30 the following equation is obtained: 
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Substituting equations 31 and 32 in to 26 yields the following equation for endocellulase activity: 
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When only an exocellulase is present, the rate of change of Ci is given by: 
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Combining the two equations above for the degradation resulting from a combination of endo and 
exocellulases yields the following: 
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Where i = (2, 3, … ∞). For i = 1: 
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 The authors developed a kinetic rate law for a soluble biopolymer. The model showed enhanced 
production of monomers and reduction of chain length when an exocellulase was combined with an 
endocellulase over the theoretical activity of the individual components (Suga et al. 1975). 
Experimentally, the products of endo-exo synergism are likely to be smaller oligosaccharides, like 
cellobiose, rather than monomers of glucose, thus requiring the use of β-glucosidase to fully hydrolyze 
the products of endo-exo synergism. The model is limited in its usefulness, as cellulose is generally in an 
insoluble form for industrial purposes, with a high degree of polymerization. Suga et al.’s model is 
further limited because it takes no account of substrate inhibition and product inhibition in the kinetic 
calculations. 
 The synergistic modeling work of Okazaki and Moo-Young, based on Michaelis-Menten type 
kinetics for concurrent random and endwise substrate attack, builds on Suga’s model to include product 
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inhibition and the use of β-glucosidase (Okazaki and Moo-Young 1978). This model is also appropriate 
for insoluble substrates with DP ≥ 3, like cellulose. Endocellulase activity is denoted E1, exocellulase 
activity is E2 and the β-glucosidase is denoted as E3 in the model. The following system of equations 
describes the activities of E1 with noncompetitive inhibition: 
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Where k1, kS1, k’S1, kG1, k’G1, kC1, k’C1 are rate constants for E1 independent of DPi; (E1Ci), (E1,C1), (E1C2), 
(E1CiC1), (E1CiC2) are the enzyme-substrate and/or end-product complexes; Ci’ and Ci’’ are the hydrolyzed 
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cellulose segments. From these equations through manipulation similar to Suga et al. the following 
equation for the rate of change of concentration of cellulose of DPi with E1 can be obtained: 
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Where i ≥ 3 and    
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For E2 with no inhibition by end-products and cellulose molecules with DPi ≥ 3: 
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When E2 is inhibited noncompetitively by cellobiose and glucose, the rate of change of the 
concentration of cellulose for DPi ≥ 3 is given by: 
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Where KM2 is the Michaelis-Menten constant of E2 and KG2, KC2 are dissociation constants between E2 and 
C1 or C2. 
For the hydrolysis of cellulose by a combination of E1, E2, and E3 with non-competitive inhibitions the 
following equation applies: 
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Where EA1 and EA2 are the maximum enzyme activities of E1, E2 and E3 respectively, defined as:  
         
Assuming the association of the cellulases with cellulose fragments is the same, the following equation 
for rate of change of concentration, for glycosidic bond breakage for the number average degree of 
polymerization (  ) in the range of i = 1 to ∞: 
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For competitive inhibitions this becomes: 
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 Their model found the degree of synergistic effect to be dependent upon the ratio of endocellulase to 
exocellulase in the mixture and the concentration of enzyme in the mixture. Okazaki and Moo-Young 
also noted the influence of degree of polymerization of substrate on the DSE, showing greater DSE with 
higher degree of polymerization.  
 The data presented for both of these models is all theoretical, with assumed kinetic parameters. 
Neither model includes a critical comparison of model predictions to experimental data. At the time of 
publication for each model, there was simply not appropriate data to compare to, as the required 
analytical techniques had not yet been developed (Dean and Rollings 1992).  
 Building further on the work by Suga et al., Dean and Rollings developed a model that included a 
more detailed description of endo-exo synergism and compared that model with experimental data 
(Dean and Rollings 1992).  
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Where Ci is the concentration of species i, i is a counter corresponding to the polymer’s degree of 
polymerization, t is time, Km is the endo-acting enzyme’s Michaelis constant, Vmax is the endo-acting 
enzyme’s rate constant determined by independent experiments and V’max and K’m are the exo-acting 
enzyme’s rate constants. 
 The model used is very similar to the one published by Suga et al., but with the distinction that 
the initial conditions are set experimentally. Suga et al. assumed that at time t=0, all the polymers in the 
substrate were of the same molecular weight, which is not what would be observed experimentally. The 
initial condition in the Dean and Rollings model is the distribution of the molecular weights of the 
polymers in the substrate, experimentally determined using size exclusion chromatography coupled to a 
low-angle laser light scattering detector (SEC/LALLS). The kinetic parameters used had been determined 
experimentally. Using these initial conditions, the model could be solved numerically. Results from this 
model compared well at time points early in conversion, but failed to predict experimental data at 
longer times. The inconsistency can be partially attributed to substrate and product inhibition and 
enzyme deactivation, which were not accounted for in the model. 
 Fujii et al. developed another Michaelis-Menten based model for the mixture of endocellulase, 
exocellulase and β-glucosidase working synergistically (Fujii et al. 1991). The model used the following 
assumptions: 1) the endocellulase and exocellulase acted only on the cellulose surface; 2) the 
exocellulase acts only on the non-reducing ends of cellulose chains to form cellobiose and that 
cellobiose production adheres to the Michaelis-Menten mechanism; 3) in a solution of exocellulase only, 
the concentration of cellulose substrate for the enzyme does not change during the reaction; 4) the 
activity of the endocellulase does not create an appreciable amount of soluble sugars and does not 
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adhere to Michaelis-Menten kinetics; 5) in a mixture of endocellulase and exocellulase, the actions of 
each will create new binding sites for the other; 6) the rate of reaction of the endocellulase is 
independent of the concentration of substrate in the system; and 7) β-glucosidase will act on cellobiose 
to produce glucose and reduce cellobiose inhibition on the endo and exo cellulases (Fujii et al. 1991). 
Assumption 1 is a good assumption for modeling purposes, but binding studies have shown that purified 
cellulose substrates used in experiments do not conform to this. There is pore structure to consider, and 
while the enzymes will bind to the most easily accessible sites first, i.e. the ones on the cellulose surface, 
binding will continue in the pores and less accessible regions and hydrolysis will occur. The kinetic 
equations derived from this model are given as follows: 
For the activity of the exocellulase, in accordance with assumptions 2 and 3: 
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Where C = 0 at t = 0 and S0 is the initial mass concentration of substrate particles, assumed proportional 
to the number of non-reducing end groups initially exposed on the surface of the particles.  
For a system of endocellulase and exocellulase systems, the following equations apply: 
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Where S = S0 and C = 0 at t = 0 and S designates the concentration of substrate, a sum of the non-
reducing end groups of the original on the surface and of the newly formed non-reducing end groups by 
the action of the endocellulase. 
The model was tested against activity assays performed on Avicel and CMC by a cellulase 
mixture. In this model, the experimental data fit the predicted data well, and the model predicted the 
effect of synergism shown for the production of reducing sugars for both a two component mixture of 
endo and exo cellulases and a second mixture which included β-glucosidase.  
 Limitations of Michaelis-Menten Based Models 
 Models based on Michaelis-Menten are inherently limited because the interaction of cellulases 
and cellulose is not a homogeneous reaction. In a heterogeneous reaction such as cellulases on 
cellulose, the classical chemical kinetics assumption of a uniformly mixed system does not apply. 
Michaelis-Menten requires an excess substrate to enzyme ratio condition for a quasi-steady state 
assumption. This condition is not achieved since the fraction of cellulose accessible to adsorption ranges 
from 0.002 for Avicel to 0.04 for regenerated amorphous cellulose. BMCC has a fraction of accessible 
cellulose of 0.03 (Hong et al. 2007). Even if excess substrate was achieved initially, it could not be 
maintained as the substrate is depleted during the course of hydrolysis. The quasi-steady state 
assumption is important to Michaelis-Menten kinetics, but cellulose hydrolysis by cellulases is a dynamic 
system, with the concentration of substrates for each cellulase changing during the course of the 
reaction as new binding sites are created through the actions of other cellulases in a synergistic mixture. 
Michaelis-Menten models in the literature have fit well to experimental data, as described, but have 
limitations and will likely not be applicable to more complicated lignocellulosic substrates. 
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 Langmuir Based Models for Synergistic Interactions 
 Converse and Optekar developed a model for the synergistic interaction of endo and exo 
cellulases that acknowledged the competition between the two for available binding sites (Converse and 
Optekar 1993). The model was based on endocellulases breaking internal glycosidic bonds and 
exocellulases releasing cellobiose from cellulose chain ends with competitive adsorption between the 
two arising from assigning a stronger adsorption equilibrium constant for the exocellulase, so that it 
adsorbed more strongly than the endocellulase (Converse and Optekar 1993). The model assumes the 
two enzymes compete for the same adsorption sites, and that the hydrolysis of a bond will expose 
another bond for hydrolysis, since only a fraction of the bonds will be on the surface of the cellulose 
particle at time t=0. The model is based on the following reaction mechanisms: 
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Where EG is the endocellulase, S is the substrate, CBH is the exocellulase, and G is glucose. In this 
model, EG in solution, EGs, is adsorbed reversibly on unoccupied intermonomer bonds on the surface of 
the substrate, S1,f to form EGa, adsorbed endocellulase. The exocellulase is adsorbed similarly as shown 
in equation 49. The adsorbed EGa acts as an enzyme-substrate complex and breaks the bond, forming 
cellulose polymer ends, S2. This action does not necessarily reduce S1,f, since an intermonomer bond 
below the surface may now be exposed. This possibility is represented by the term +S1,f and shown in 
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equation 50. The adsorbed exocellulase reacts with the polymer ends to produce glucose, shown in 
equation 51. The term +S2 is included to show that the number of chain ends on the polymer is not 
reduced by this reaction until the polymer chain is completely hydrolyzed. The kinetic model described 
by this reaction mechanism is shown below as equations 52-56. 
The competitive adsorption of EG is governed by: 
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Where EGT is the total amount of endocellulase, C0 is the initial concentration of cellulose, KdEG is the 
desorption equilibrium constant for EG and kaEG is the adsorption rate constant for EG. 
The corresponding equation for CBH is: 
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Where CBHT is the total amount of exocellulase, KdCBH is the desorption equilibrium constant for CBH and 
kaCBH is the adsorption rate constant for CBH. To model competitive adsorption, these equations allow 
either enzyme component to compete for the available adsorption site.  
The concentration of substrate is modeled by the following equation:  
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The factor Pf accounts for the fact that often another intermonomer bond is below each one that is 
broken such that the concentration of such bonds does not decline every time one is broken. The 
generation of polymer chain ends is described by the following equation: 
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Where DP is the degree of polymerization. The second term on the right side of the equation is divided 
by the DP to account for the fact that a whole chain of glucose units must be produced before the chain 
end disappears. The formation of glucose is given by this equation: 
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 The model was compared to experimental data from Woodward et al. for verification 
(Woodward et al. 1988). The five equations that comprise the model give a good fit to the experimental 
data, but it does not appear to account for a saturation component to the curve, making the fit less 
good as time proceeds. The effect of enzyme concentration on degree of synergy and how the model 
predicted this effect was also investigated. The data for the degree of synergy in the Woodward study 
hit a maximum with respect to total enzyme concentration, with a decline at higher concentrations of 
enzyme likely being due to competitive adsorption (Woodward et al. 1988; Converse and Optekar 1993). 
This was modeled by having the desorption kinetic constant for the exocellulase be smaller than the 
desorption kinetic constant for the endocellulase. The ratio of the exocellulase bound to the 
endocellulase increases with increasing total enzyme concentration.  
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 Understanding the mechanisms of synergism will contribute to an overall better understanding 
of designing cellulase cocktails for industrial purposes. As noted before, a key step to the reaction of 
cellulases and cellulose is the binding of cellulase to cellulose and the formation of the reactive complex. 
Adsorbed cellulase concentrations will change as hydrolysis proceeds and studying these variations and 
their implications on synergism is important to an overall understanding of the mechanisms behind 
synergism (Bansal et al. 2009). By developing a good model for synergistic binding, we can begin to 
understand how that binding will change as the cellulose surface is increasingly hydrolyzed.  
 Langmuir kinetics, as described above, can be appropriate for modeling single component 
cellulases binding on cellulose. In a mixture of cellulases, it is more appropriate to consider multiple 
component Langmuir kinetics. The assumptions required by a multiple kinetic model are as follows: 
The system is at equilibrium, with the rate of adsorption equal to the rate of desorption. 
1. All binding sites are equivalent 
2. Each site can hold at most one unit of A or one unit of B at any time, but not both 
3. There are no interactions between adsorbate units on adjacent sites. 
The derivation for the equilibrium constants for A and B are similar to the derivation described in 
equations 8 – 10. The equilibrium constants for A and B are given by: 
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The total number of sites available is given by the total number of free sites, the sites occupied by A and 
the sites occupied by B: 
                59 
By inserting the equilibrium equations and rearranging the terms as described before, competitive 
adsorption isotherms for A and B are determined: 
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From these general models and the Langmuir binding isotherm for cellulases on cellulose described by 
Bothwell et al. and shown in equation 16, we can make the following approximations for the simplest 
case of Langmuir binding in a mixture: 
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Where     and     are the maximum binding capacities for enzymes 1 and 2 and the sum of     and 
    is equal to S0. For mixtures involving three or more enzymes, a general form of the Langmuir 
binding isotherm for an enzyme in that mixture is as follows: 
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Where n is the number of enzymes in the solution. 
 In the case of cellulase hydrolysis by a mixture of endocellulases and exocellulases, the enzymes 
should not be competing for the same sites, but may block each other from appropriate binding sites 
due to their size and the availability of binding sites in a complicated pore structure (Bothwell et al. 
1997). An implicit assumption in this kinetic framework is that adsorption equilibrium is established very 
quickly, compared to the start of the hydrolysis, such that the number of binding sites can be assumed 
constant (Bansal et al. 2009). At low temperatures, with correspondingly low hydrolysis activity, this 
assumption is valid, but the picture becomes much more complicated at higher temperatures and in 
synergistic mixtures, when hydrolytic activity is observed and the concerted efforts of some cellulases 
create new binding sites for others (Jung et al. 2002). Bothwell et al. proposed a nonlinear Langmuir 
binding model, shown in equations 18 and 19, which fit better to the experimental data than the 
linearized models. This model, if possible, should be amended to include multiple, competing 
adsorbates, and possibly applied to experimental data for mixtures of cellulases. 
Biophysical Methods  
 As previously discussed, using fluorescently labeled enzymes in binding reactions makes it 
possible to measure the concentration of bound cellulase, making the dependent variable in the 
Langmuir binding isotherm a known quantity and therefore reducing the error associated with the 
calculated kinetic parameters. Accurate data for enzyme concentration, coupled with good spatial and 
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temporal resolution can be used to refine existing models of cellulase binding. This data can be obtained 
using biophysical techniques, including nanofabrication and microscopy.  
 Much of the understanding of cellulase systems, their modes of catalysis and the functions of 
their structural domains has been derived from protein engineering and X-ray crystallography. 
Elucidating the structure of the CDs and the CBMs has allowed for determination of alignment of 
cellulose polymers in the active sites of cellulases, the resolution of such characteristic features as 
“clefts” and “tunnels”, and the identification of the amino acids playing a critical role in cellulose binding 
and hydrolysis on the cellulases (Henrissat 1991; Gebler et al. 1992; Mccarter and Withers 1994; 
Henrissat et al. 1995; Henrissat and Davies 1997; Wilson and Irwin 1999; Boraston et al. 2004; Moran-
Mirabal et al. 2008). From the information obtained through crystallography, NMR and sequence data, 
CDs and CBMs are classified into families, with expected folds and hydrolysis reaction mechanisms. This 
information, however, is from bulk cellulase-cellulose measurements, obscuring the on-off rate of 
cellulases from different structures of cellulose and processive behavior. Greater spatial and temporal 
resolution is necessary to observe cellulase-cellulose interactions at the surface of cellulose 
morphological structures.  
 Imaging Techniques Applied to Cellulases 
 Effective visualization of cellulose hydrolysis by cellulases requires that three conditions be met: 
first, imaging must occur in an aqueous environment, ideally at ambient pressure; second, a suitable, 
immobilized substrate must be used; and finally, high resolution imaging techniques must be employed 
(Ding et al. 2008; Bubner et al. 2013). Although many advanced imaging techniques require vacuum 
chambers, extremely low temperatures or highly processes samples for achieving good resolution, 
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atomic force microscopy (AFM) and optical microscopy have emerged as effective visualization methods 
for observing cellulases in biologically relevant conditions (Lee et al. 1996; Moran-Mirabal et al. 2008; 
Bubner et al. 2013). These techniques have been utilized to study the interaction of cellulases and 
cellulose at sub-micron scales (Ding et al. 2008; Moran-Mirabal et al. 2008; Igarashi et al. 2009; Moran-
Mirabal et al. 2009).  
 AFM has been successfully used to visualize cellulose degradation by cellulases. AFM is a type of 
scanning probe microscopy, which uses a microcantiliever with a nanoscale tip to scan a surface(Bubner 
et al. 2013). Deflections from the forces between the tip and the sample are measured by photodiodes 
through a reflected laser spot. AFM is useful for characterizing biomolecules because imaging can be 
accomplished under aqueous condition, which enables both static and dynamic observations of 
biological systems on a molecular level at environmental pressure and temperature (Bubner et al. 2013). 
Ding et al. have applied this system to visualize maize cells with cellulosomes, and recently high 
resolution images of cellulases on single fibers of bacterial cellulose were obtained using magnetic 
alternating current AFM (Ding and Himmel 2006; Quirk et al. 2010; Wang et al. 2012). High speed AFM 
makes it possible to image the dynamic behavior of individual cellulases in real time and Igarashi et al. 
used the technique to great effect to create movies of processive cellulases moving along cellulose 
fibers, hydrolyzing portions of the cellulose, and getting into ‘traffic jams’ and blocking the processive 
movements of other cellulases on the fiber (Igarashi et al. 2009; Igarashi et al. 2011). AFM techniques 
have also been used to try and visualize cellulase synergism. Ganner et al. showed that endoglucanases 
exclusively attacking the amorphous region of a cellulose substrate expose crystalline ‘nanofibers’ for 
cellobiohydrolases to attack (Ganner et al. 2012). 
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 Fluorescence microscopy is another set of techniques for imaging the interaction of cellulases 
with cellulose. It is non-invasive and can be performed under biologically relevant conditions. 
Biomolecules can be labeled with a variety of fluorescent tags that do not interfere with their native 
activity. These molecules can then be illuminated through an objective with light of a wavelength 
specific to the excitation spectrum of the fluorescent tag. The tag then emits light of a longer 
wavelength than the excitation light that passes back through the objective and is collected by a camera 
(Bradbury and Evennett 1996). This system has been adapted and refined by Moran-Mirabal et al. for 
use with the cellulase-cellulose interaction (Moran-Mirabal et al. 2008; Moran-Mirabal et al. 2009). 
Total internal reflection fluorescence microscopy (TIRF-M) is an optical technique that enables 
the visualization of a single molecule in a system of molecules, making observation of transient 
intermediates and the distribution of physical properties of a single molecule in a heterogeneous system 
possible, and avoiding ensemble averaging (Ding et al. 2008). Liu et al. combined TIRF-M and AFM to 
study the interactions of cellulase components with crystalline cellulose. They observed the surface 
structure of crystalline cellulose and changes made to the structure by the actions of T. reesei 
exocellulase CBHI and its CBM (Liu et al. 2010). Structural changes in the cellulose such as the decrease 
in the width of the fibrils and an increase in surface roughness were observed in real time. Additionally, 
a green fluorescent protein tagged CBM from T. reesei was observed exhibiting linear motion along the 
fibril. Liu et al. concluded that the combination of TIRF-M with AFM is a good tool for measuring the 
effects of cellulase hydrolysis on the morphology of crystalline cellulose. Dagel et al. expanded on this 
previous single molecule work by applying a technique known as defocused orientation and position 
imaging to localize CBMs to specific surfaces on the crystalline cellulose microfibril (Dagel et al. 2010). 
The observed systematic orientations that indicate the CBMs are binding to the two opposite 
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hydrophobic faces of the cellulose microfibril, with a well-defined orientation relative to the fiber axis, 
providing evidence for a binding mechanism that is driven by chemical and structural recognition of the 
cellulose surface by the CBM (Dagel et al. 2010). 
Confocal microscopy is another fluorescence microscopy technique that is able to collect optical 
sections of thick specimens that can be reconstructed as a 3-D image, allowing for the observation of 
cellulases on larger cellulose structures, including biomass (Niggli and Lederer 1990; Moreno et al. 2006; 
Zhu et al. 2011). Whereas TIRF and AFM are effective for high resolution scanning of surface features, 
they are limited in their resolution in the Z direction (Bubner et al. 2013). Confocal microscopy has been 
employed by Zhu et al. to visualize T. fusca cellulase binding on particles of pretreated wood and by 
Singh et al. to demonstrate the effectiveness of their ionic liquid pretreatment on the cellulose structure 
of switchgrass (Singh et al. 2009; Zhu et al. 2011). Santa-Maria et al. integrated confocal microscopy 
with AFM to study changes in the microstructure of cellulose during hydrolysis by a purified 
cellobiohydrolase. They observed an early un-twisting of the bacterial cellulose microfibrils after 
approximately 30% of the hydrolysis completed and extensively thinned microfibrils as the hydrolysis 
reaction was nearing completion (about 80% hydrolysis) (Santa-Maria and Jeoh 2010). The combination 
of AFM and confocal enhanced their visual understanding of the changes to cellulose microstructure 
during cellulase binding and hydrolysis. Confocal microscopy has been extensively used by the Walker 
lab to study cellulase diffusion into cellulose pore structure and hydrolysis kinetics. Luterbacher et al. 
used a fluorescently spiked cellulase cocktail (Spezyme CP) to follow the concentration of cellulase 
bound on the cellulose substrate and follow the temporal morphological changes associated with 
cellulose hydrolysis (Luterbacher et al. 2013). More recently, Yang et al. used fluorescently labeled 
dextrans to visualize diffusion into the pore structure of filter paper by confocal microscopy, finding 
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diffusion influenced by steric hindrances between the diffusing solute and the walls of the pore 
structure, and between the solute molecules themselves (Yang et al. 2013). Moran-Mirabal et al. used a 
combination of fluorescence recovery after photobleaching (FRAP) techniques with single molecule 
tracking techniques to show that cellulases exhibit only limited surface diffusion when bound to 
crystalline cellulose and that a large fraction of the cellulases remain immobile at temperatures optimal 
for catalysis (Moran-Mirabal et al. 2011; Moran-Mirabal et al. 2013). They found that binding was only 
partially reversible, but that for processive cellulases, that reversibility increased with increasing 
temperature. The results challenged the accepted ideas of cellulase surface diffusion on cellulose 
originally published by Jervis et al. and indicate that the diffusion of cellulases and the motion of 
cellulose bound cellulases are more complicated that previously reported (Moran-Mirabal et al. 2013). 
 Fluorescence Detection of Bound Cellulases 
 In order to detect the change in concentration of cellulases bound on cellulose with time using 
an optical system, a few conditions must be met: 
1. The cellulose must be immobilized on a solid support, so that the substrate will not drift in and 
out of focus in an aqueous solution. 
2. The cellulases must be labeled such that they emit a detectable signal, with fluorescent tags that 
will not appreciably affect the size, charge, and activity of the native enzyme. 
3. The effects of photobleaching must be accounted for and mitigated through the addition of an 
oxygen scavenger to the reaction, such as ascorbic acid; or the effects of photobleaching must 
be corrected for after the data has been collected. 
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 Moran-Mirabal et al. satisfied the first condition by adapting a polymer lift-off technique with 
proven success for immobilizing biomolecules in well-defined spatial patterns (Moran-Mirabal et al. 
2008). A polymer coating, in this case paralene, is evaporated onto a glass surface. A pattern is 
photolithographically applied to the coating, and then the pattern is etched away, leaving windows of 
exposed glass in the coating. A solution of cellulose can be applied to the entire surface, the polymer 
peeled away, and immobilized cellulose is left in the patterned windows (Moran-Mirabal et al. 2005; 
Moran-Mirabal et al. 2008). The cellulose left behind exhibits various identifiable morphologies, such as 
fibrils, bundles and mats. 
 Observation of the interaction between cellulases and cellulose using fluorescent spectroscopy 
requires bright molecules with full native activity. Proteins are often labeled with fluorescent dyes 
through covalent reaction with specific amino acids, however this reaction in bulk solutions can yield a 
mixture of enzymes with a spectrum of different degrees of labeling and enzymes without a label at all. 
This mixture can make characterizing the enzymes and accurately quantifying the detected 
concentrations difficult. Labeling in the bulk solution also risks labeling enzymes on amino acids in the 
active sites, thereby changing the native activity. Moran-Mirabal adapted this labeling technology by 
adsorbing T. fusca cellulases onto a cellulose substrate before applying the labeling reaction, thereby 
minimizing the possibility of labeling in the active site of the enzyme, and then separated the labeled 
enzymes using FPLC, to obtain populations of natively active enzymes with known degree of labeling. 
The enzymes and dyes used in this technique are outlined in Table 8 below: 
Table 8: Properties of cellulases and fluorophores used in Moran-Mirabal et al. 
Molecule Molecular Weight (Da) Charge (at pH 7.0) Lysine residues 
(accessible/total) 
λEx (nm) 
Cel5A 46300 -16 3/10 - 
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Cel6B 59600 -37 4/11 - 
Cel9A 90400 -52 10/20 - 
AF350 410 0 - 346 
AF488 643 -1 - 495 
AF647 ~1300 -3 - 650 
(Moran-Mirabal et al. 2009) 
This technique yields well characterized enzymes that can be used for epi-fluorescent imaging, or 
imaging methods requiring a greater degree of labeling and characterization, such as TIRF-M. 
 Photobleaching is a well-documented effect of fluorescence microscopy, wherein overexposure 
to light causes decay in the photon output of the molecules. The effect can be used to quantify two-
dimensional lateral diffusion of fluorescent particles, such as diffusion and binding in a cell membrane 
(Axelrod et al. 1976; Sprague et al. 2004). However photobleaching can be problematic in time-lapse 
microscopy. To minimize the effects of photobleaching on labeled enzymes, the exposure of enzymes to 
light must be minimized and/or a chemical oxygen scavenger can be employed. In a time course 
experiment, the enzyme system must be exposed to light during data capture, but it is not necessary at 
any other time. The exposure time programmed to the camera should be as low as possible. In addition, 
ascorbic acid can be added at low concentrations to the buffer solution containing the enzymes as an 
oxygen scavenger (Moran-Mirabal et al. 2008).  
 Epi-fluorescent Microscope System 
An appropriate microscope system is necessary to image the labeled and immobilized cellulase-cellulose 
reaction. Epi-fluorescence is a good technique for biological samples, because so many bio-molecules 
and structures can be tagged or stained with small fluorescent molecules that will not interfere with the 
biological system. Such a system must incorporate a microscope, camera, objective, illumination source, 
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filters and mirrors. The microscope necessary for epi-fluorescence may be either upright or inverted. In 
an inverted system, the sample is illuminated from below. The camera must have sufficient detection 
capabilities, to detect signal from very low concentrations of enzyme at the lowest possible exposure 
time. The objective is used for both illumination and signal collection in an epi-fluorescent system. In a 
system of multiple labels and enzymes, an objective that will minimize chromatic aberration is 
important. Such an objective will have the same field of focus for the colors being observed, minimizing 
signal collected out of focus. The illumination source should either be specific to the excitation 
wavelengths of the labels being observed, or coupled to appropriate filters, that will pass only the 
excitation wavelength. A dichroic mirror and filter set can be placed to collect and pass only the 
emission wavelength, minimizing signal from the excitation light. This system will effectively collect 
signal from a cellulase-cellulose system for hours-long time courses, yielding good temporal data for 
cellulase binding (Moran-Mirabal et al. 2008; Moran-Mirabal et al. 2009).
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CHAPTER 3: AN OPTIMIZED MICROPLATE ASSAY SYSTEM FOR QUANTITATIVE EVALUATION OF PLANT CELL WALL 
DEGRADING ENZYME ACTIVITY OF FUNGAL CULTURE EXTRACTS 
Introduction 
 Effective hydrolysis of plant cell wall biomass requires a cocktail of cell wall degrading enzymes, 
with various substrate specificities and modes of attack to hydrolyze cellulose and other polysaccharides 
in the cell wall structure. Cellulose utilizing organisms in nature produce enzyme cocktails with a variety 
of activities to access cellulose in the cell wall and degrade it. Although there is much diversity in cell 
wall degrading microbes, most industrial enzyme mixtures contain cellulases from just one organism, T. 
reesei. Certain plant pathogens may possess unique enzymes that might complement commercial 
enzyme preparations, resulting in faster and more complete biomass hydrolysis with less enzyme 
loading. 
 The objective of this research was to develop a standardized method for quantitative high 
throughput characterization of prospective microbial sources for enzymes capable of hydrolyzing plant 
cell wall polysaccharides, with the inclusion of typical biomass substrates. Specifically, the effects and 
interactions of fungal species, growth media, and assay temperature on hydrolysis rates of different 
polysaccharide substrates were examined in order to develop a standardized methodology for 
evaluating a large number of isolates. The DNS reducing sugar assay was modified for small hydrolysis 
reaction volumes in 96-well plates and non-standard enzyme substrates in order to more closely 
represent the types of lignocellulosic biomass being proposed for bioethanol production. 
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Materials and Methods 
 Fungal Cultures 
 Fusarium oxysporum f. sp. loti Fo060NY-93 (isolated from a stem of birdsfoot trefoil, Lotus 
corniculatus cv. "Empire"), Gibberella zeae Gz014NY-98 (isolated from a spike of wheat, Triticum 
aestivum., and Sclerotinia sclerotiorum Ss001NY-83 (isolated from a stem of soybean,  Glycine max) 
were obtained from G. C. Bergstrom (Cornell University). Trichoderma reesei RUT-C30 was obtained 
from G. E. Harman (Cornell University). Fungal spores and/or mycelium were stored in 20% glycerol at -
80 °C. Isolates were revived by plating onto 50 mm Petri dishes containing ¼ strength potato dextrose 
agar (PDA: 6 g potato dextrose broth (BD 254920), 16 g agarose, 1 L H2O) and incubating at 25 °C until 
colonies had covered the surface. Mycelial plugs (6 mm) were transferred to Petri dishes containing agar 
modified from ATCC cellulose medium 907 (0.5 g (NH4)2SO4, 0.5 g L-asparagine, 1 g KH2PO4, 0.5 g KCl, 
0.41 g MgSO47H2O, 0.1 g CaCl2, 0.5 g yeast extract, 16 g agarose, 5 g cellulose, 1 L H2O). Two variations 
of this medium with different carbon sources were used: either pure microcrystalline cellulose (Avicel, 
FMC type PH-101, 50 micron) or switchgrass (Panicum virgatum cv. “Blackwell”, 15 + 4 year stands, 
Pawling NY, Dutchess County, milled to pass through a 20 mesh screen). Fungi were grown on Avicel 
(Avi) and switchgrass (SG) agar for 10 days at 25 °C. In preliminary experiments, 10 day old cultures had 
the highest levels of reducing sugars produced when measured with the DNS assay when compared to 3 
and 7 day old cultures regardless of culture media used. Cultures at 14 days showed no additional 
increase in reducing sugar production. 
 Extract Preparation 
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 Two replicated Petri dish cultures of each species per media were combined for each extraction. 
This was repeated for five independent biological replicates. The initial PDA plug inoculum was removed, 
and the remaining cultures and agar were chopped and extracted in 25 ml of 0.1 M sodium acetate 
buffer with 0.02 M sodium chloride and 0.02% sodium azide at pH = 5.5, for 2.25 hours at room 
temperature to obtain a crude mixture of extracellular proteins. Extract aliquots were centrifuged in 2 
ml microfuge tubes at 13,000 rpm for 5 min, and the resultant supernatants then added to a deep 2 ml, 
96-well master plate (Whatman, 7701-5200, Maidstone, England). Aliquots of each extract were added 
directly to the plate. A second aliquot of each extract was passed through a syringe filter (0.2 µm, 13 
mm HT Tuffryn membrane, Gelman Sciences Acrodisc (4454), Pall Corporation, East Hills, NY) prior to 
addition to the plate. 
 Hydrolysis Reactions 
 Hydrolysis reactions were carried out in 96-well flat-bottom plates (Corning Life Sciences 3370, 
Corning, NY). Each well contained 90 µl of carbohydrate substrate in 0.1 M sodium acetate buffer pH 
5.5. Ninety µl of extract was added from the master plate to each well for a total reaction volume of 180 
µl. Six assay substrates were evaluated: 1) filter paper (FP, 7 mm disk of Whatman #1 filter paper, 
1001070, Maidstone, England) and suspensions (20 mg/ml) of 2) Avicel (Avi, FMC type PH-101 (50 
micron)), 3) corn stalk (CS, Department of Plant Pathology, Cornell University) 4) switchgrass (SG), 5) 
carboxymethylcellulose (CMC, low-viscosity Sigma C5678, St. Louis, MO), and 6) arabinoxylan (AX, from 
oat spelt, Sigma X0627, St. Louis, MO). Biomass was milled using a Wiley mill to an 80 mesh screen size. 
One gram of each biomass sample was washed with 50 ml of ddH2O prior to hydrolysis to remove 
soluble lignin and sugars that could react with DNS and increase background. To accurately transfer 
insoluble substrates to the 96-well plates, suspensions were continuously agitated in preparation 
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reservoirs with a magnetic stir bar. Negative controls of each extract (without substrate) and substrate 
in buffer (without extract) were included on each plate to identify background reducing activity. After 
preparing the hydrolysis reactions, plates were sealed with aluminum film (Axygen Scientific Inc. 
PCRAS200, Union City, CA) and incubated at 22, 37, and 50 °C. The CMC and AX plates were incubated 
for 2 h; FP and Avi plates were incubated for 20 h; and CS and SG plates were incubated for 80 h. Time 
points were selected to allow more complete hydrolysis and allow appropriate production of reducing 
sugars within the dynamic range of the standard curve used for calibration of the DNS assay. Reactions 
were stopped by freezing at -20°C.  
 Protein Quantification  
 Protein concentration was measured in 96-well microplates using a Sigma bicinchoninic acid 
(BCA) kit following manufacturer’s instructions (Sigma, St. Louis, MO). Extracts were diluted 1:20 to 
achieve protein concentrations consistent with the assay’s dynamic range for quantification, up to 20 
µg/ml protein. Bovine serum albumen standards at concentrations of 0, 0.5, 5, 10, and 20 µg/ml were 
prepared in 0.1 M sodium acetate buffer pH 5.5 and replicated 3 times per plate. Plates were incubated 
at 60 C for 1 h and absorbencies were measured at 562 nm on a Synergy HT Multi-Detection Microplate 
Reader (BioTek Instruments, Inc., Winooski, VT).  
 Reducing Sugar Quantification 
 The DNS reducing sugar assay was previously adapted to utilize a miniaturized 96-well 
microplate system (Decker et al. 2003; Xiao et al. 2004; Xiao et al. 2005). These methods were further 
modified to use crude extracts and finely ground biomass samples as substrates. DNS reagent was 
prepared as previously described (Miller 1959; Ghose 1987). The DNS reagent is nonspecific and reacts 
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with both five and six carbon reducing sugars. Although this assay does not allow discrimination among 
specific carbohydrates, it can be used to quantify hydrolysis of a wide range of polysaccharide 
substrates. Glucose standards of 0, 0.5, 1.0, 1.5, 2.0, and 3.0 mg/ml were prepared in 0.1 M sodium 
acetate buffer pH 5.5 and replicated three times per plate. Sixty µl of standards or reaction hydrolysate 
was added to 120 µl DNS reagent in a 96-well PCR microplate (Axygen Scientific Inc. PCR-96, Union City, 
CA) for a total reaction volume of 180 µl (Xiao et al. 2004; Xiao et al. 2005). DNS reactions were carried 
out in PCR thermocyclers (Biorad iCycler, Hercules, CA and MJResearch Inc PTC-100, Waltham, MA) by 
heating at 95 °C for 5 min followed by cooling to 4 °C for 1 min, and holding at 20 °C. Thirty-six µl of the 
completed DNS reaction was then added to 160 µl of ddH2O in flat-bottom microplates (Corning Life 
Sciences 3370, Corning, NY) and absorbencies were measured at 540 nm.  
 Statistical Analysis 
 Data were analyzed using the statistical software package JMP (SAS Institute Inc., Carey, NC). To 
identify significant effects and interactions, data were fit to standard least squares models using the 
restricted maximum likelihood method. Experimental replicates and individual extracts were treated as 
random effects. For all responses analyzed, the effect of sample filtration and its interaction terms were 
not significant. Only unfiltered data was used for further analysis. The effects of fungal species (F), 
growth media (M), and their interaction were used to build a 4x2 factorial model for protein 
concentration (g protein/ml extract). Log transformed reducing sugar concentrations (mM reducing 
sugar) had residuals with more normal distributions and equal variance than untransformed data. 
Insensitivity of the DNS assay and slight variation in the standard regression at very low reducing sugar 
concentrations resulted in estimation of a small number of activities less than or equal to zero. The 
minimum value was -0.14 mM. Log transformations are most effective when the smallest value is 1; 
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therefore the range was shifted by adding 1.14 to all data. The effects of assay substrate (S), fungal 
species (F), assay temperature (T), growth media (M), and their interactions were used to build a 
6x4x3x2 full factorial model for sugar concentration. All effects were treated as nominal. Non-significant 
interactions were removed to build the final model. 
Results and Discussion 
 Standards for BCA and DNS Assays  
 All standard regressions for both protein and sugar measurements were linear. To account for 
plate to plate variation and allow more accurate comparisons across plates, each plate contained 
internal standards. A representative linear regression of measured protein concentrations versus known 
concentrations of protein standards yielded a slope of 1.081 and an R2 value of 0.996. A representative 
regression of measured glucose concentrations versus known concentrations of glucose standards 
yielded a slope of 1 and an R2 value of 0.998. 
 Protein Content 
 Fungal species, growth media, and their interaction had a highly significant effect (p < 0.0001) 
on protein content (Table 9), as one might predict.  
Table 9: Least squares model for the effects of fungal species (F) and growth media (M) on protein 
concentration of extracts (g protein/ml extract). 
Source Nparm DF DFDen F Ratio p-value 
F 3 3 28 32.48 < 0.0001 
M 1 1 28 28.27 < 0.0001 
F x M 3 3 28 12.54 < 0.0001 
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 In general, however, extracts from fungi grown on switchgrass media contained more protein 
than extracts grown on Avicel. There was greater species-to-species variation for Avicel-grown cultures 
than switchgrass-grown cultures (Figure 4). T. reesei extracts had slightly more protein than the other 
species. The effect of growth media was not significant for S. sclerotiorum or T. reesei, while F. 
oxysporum and G. zeae produced more protein when grown on switchgrass. Limited conclusions can be 
drawn from these differences in protein content, however; in addition to the hydrolytic enzymes of 
interest, the total protein content of the extracts also includes protein from the growth media, non-
cellulolytic extracellular proteins, and some intracellular proteins released by cell lysis during extraction. 
Because certain carbohydrate binding modules bind tightly to their insoluble substrates, the extraction 
methodology may not capture the entirety of a given culture’s hydrolytic system. Weakly bound 
enzymes could be over-represented in the extracts, while tightly bound enzymes may remain attached 
to insoluble particles in the media. Use of detergents or high temperatures to enhance extraction of 
these tightly bound enzymes could significantly affect their activity however, so the extraction used in 
this study may be a limitation of capturing the full hydrolytic potential. Furthermore, it is difficult to 
determine the specific composition of the mixture of hydrolytic enzymes, especially when testing a large 
number of fungal species in a high-throughput system. Crude protein measurements are not useful in 
this context to calculate specific enzyme activities and kinetic data, because such calculations are most 
meaningful when combined with an estimation of the amount of specific enzymes in the mixture 
assayed (Zhang et al. 2006). In this study, activity is estimated only based on reducing ends produced 
over time from a single time point after the reaction had occurred for a suitable period for reducing 
sugar production. Extracts that demonstrate superior reducing end production will be further 
characterized to identify individual enzyme components in future studies. 
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Figure 4: Protein content of fungal extracts when grown on Avicel and switchgrass media. Fo = F. 
oxysporum, Gz = G. zeae, Ss = S. sclerotiorum, Tr = T. reesei 
 Hydrolytic Activity 
 No reducing activity was detected in any of the negative controls. Quantification of reducing 
sugars using the DNS colorimetric reagent was highly reproducible both within a given extract (assay 
variation) and among replicated culture extractions (biological variation) (Table 10). Most coefficients of 
variation (CV = /µ) were low. A few outliers had relatively high values, however these samples also had 
the smallest means, leading to inflation of calculated CVs. Most of the variation observed in this study 
was due to differences in fungal growth among cultures and extraction methodology, not from reducing 
sugar quantification. Excluding F. oxysporum tested on Avicel at 22 C, biological replicates had CVs less 
than 0.42 and experimental replicates had CVs less than 0.29. Variation among extract replicates was 
higher than among experimental replicates using a single extract, but results for both were highly 
reproducible. 
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Table 10: Comparison of variation within (assay) and among (biological) extracts for five replicated measurements. Mean µg reducing sugars/ml 
hydrolysate (µ), standard deviations (σ), and coefficients of variation (σ/µ) are presented for extracts of two fungi grown on Avicel medium, F. 
oxysporum (Fo A) and T. reesei (Tr A). Extracts were assayed on three substrates, carboxymethylcellulose (CMC), Avicel (Avi), and switchgrass 
(SG) at three temperatures, 22, 37, and 50 C. 
  Within extract  Among extracts 
   FoA    Tr A    Fo A    Tr A  
  µ  CV  µ  CV  µ  CV  µ  CV 
CMC                 
22  0.36 0.01 0.03  0.81 0.04 0.05  0.40 0.16 0.41  0.94 0.30 0.32 
37  0.41 0.01 0.03  0.96 0.03 0.03  0.39 0.06 0.15  1.03 0.08 0.07 
50  0.52 0.03 0.06  1.09 0.03 0.03  0.56 0.07 0.13  1.20 0.12 0.10 
Avi                 
22  0.03 0.02 0.68  0.16 0.01 0.08  0.02 0.02 1.05  0.25 0.05 0.19 
37  0.08 0.01 0.12  0.43 0.02 0.05  0.06 0.03 0.40  0.53 0.13 0.24 
50  0.23 0.06 0.28  1.30 0.10 0.08  0.16 0.07 0.41  1.43 0.19 0.13 
SG                 
22  0.17 0.01 0.04  0.34 0.02 0.05  0.12 0.03 0.27  0.37 0.05 0.13 
37  0.26 0.01 0.05  0.48 0.05 0.10  0.19 0.05 0.26  0.47 0.03 0.07 
50  0.26 0.02 0.08  0.69 0.02 0.03  0.21 0.06 0.28  0.60 0.08 0.13 
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 The DNS assay has been criticized for its use in characterizing complex mixtures resulting from 
hydrolysis of lignocellulose. Although results from DNS correlate well with results from HPLC for analysis 
of simple sugars, this is not necessarily the case for lignocellulosic hydrolysates (Rivers et al. 1984). DNS 
is influenced by the degree of polymerization of reducing oligosaccharides and interference with 
compounds such as tannins found in the hydrolysate and/or growth media (Rivers et al. 1984; Breuil and 
Saddler 1985; Schwald et al. 1988). However, HPLC analysis can be time consuming and impractical for 
processing large numbers of samples in a high-throughput fashion (Chundawat et al. 2008). Despite its 
limitations, the DNS method is still used for rapid measurement of total reducing ends generated from a 
range of substrates, making it suitable for comparing relative activities of many samples using high-
throughput screening methodology (Chen et al. 2008; Hu et al. 2008; Roman et al. 2008). The method 
adapted from Xiao et al. (2004,2005) is quick, reproducible, and the materials required are relatively 
inexpensive and available in most laboratories. In this study, controls were included to ensure that 
measured reducing sugars were a product of enzymatic polysaccharide hydrolysis, and not compromised 
by background interference from either the substrates or culture extracts. Upon identification of 
samples with promising CWDE systems, a more complete analysis of hydrolysis products using HPLC can 
be performed to determine specific polysaccharide production. 
 Individual activity measurements of polysaccharide hydrolysis under all conditions for five 
replicated culture extractions are given in Table 11. Activity tended to increase with increasing 
temperature and more sugars were released from relatively simple substrates such as CMC and AX than 
from complex biomass substrates like SG and CS. T. reesei is generally a consistently superior producer 
of enzymes for hydrolysis, however, the difference in activity between T. reesei and the other fungi 
diminished when tested on more complex assay substrates and growth media. T. reesei RUT-C30, a 
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hypersecretor of cellulases that is resistant to catabolite repression, does not appear to possess any new 
or altered enzymes than the parental strain QM6a (Ghosh et al. 1982; Sheir-Neiss and Montenecourt 
1984). Thus, although it produces large amounts of cellulase, total activity may be limited by its ability to 
degrade the complex and heterogeneous structure of plant cell walls. As previously described, activities 
of hydrolytic enzyme mixtures on relatively simple substrates such as filter paper, Avicel, and CMC does 
not necessarily correlate with activities on more complex substrates such as biomass (Berlin et al. 2005; 
Chundawat et al. 2008). This underscores the importance of identification and development of enzymes 
complementary to the T. reesei system, which is efficient for cellulose hydrolysis but less so for 
heterogonous polysaccharide substrates. Individual comparisons using unpaired t tests showed that 
when grown on switchgrass media and assayed at 37 C, T. reesei extracts had higher activity than G. 
zeae extracts on cellulosic substrates such as FP, Avi, and CMC (p < 0.0001) while G. zeae had higher 
activity than T. reesei on AX (p = 0.0306). There was no significant difference between the two species 
on CS (p = 1.0000) or SG (p = 0.5047). Switchgrass compared to Avicel growth media induced a 
significantly higher activity on AX at 37C for F. oxysporum (p = 0.0002) and G. zeae (p = 0.0508), but not 
for T. reesei (p = 0.4992) or S. sclerotiorum (p = 0.3799). Switchgrass media also induced higher activities 
when tested on SG and CS for F. oxysporum (p < 0.0001 and p = 0.0051 respectively) and G. zeae (p = 
0.0018 and 0.0632) but not for T. reesei (p = 0.4520 and 0.6685). Switchgrass cultures of S. sclerotiorum 
had lower activity on SG and CS than did Avicel cultures (p = 0.0140 and 0.0117). Activity on Avi was 
higher for F. oxysporum and G. zeae when fungi were grown on switchgrass (p = 0.0075 and 0.0431 
respectively). However for S. sclerotiorum and T. reesei activity was higher when fungi were grown on 
Avicel (p = 0.0004 and 0.0052).  
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Table 11: Mean rates of polysaccharide hydrolysis under all conditions for five replicated culture 
extractions. Avicel (Avi) and filter paper (FP) were hydrolyzed for 20 hours, corn stalk (CS) and 
switchgrass (SG) were hydrolyzed for 80 hours, and carboxymethyl cellulose (CMC) and arabinoxylan 
(AX) were hydrolyzed for 2 hours. Standard deviations are presented in parentheses.
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Assay 
temperature 
Growth  
media 
Species Activity on substrate                                                                                                                                                               
µM reducing sugar released / minute 
   Avi FP CS SG CMC AX 
22 Avicel F. oxysporum 0.04 (0.08) -0.04 (0.04) 0.35 (0.15) 0.14 (0.04) 18.41 (7.60) 38.12 (23.51) 
G. zeae 0.09 (0.08) 0.01 (0.07) 0.49 (0.13) 0.28 (0.04) 20.56 (10.25) 60.43 (28.90) 
S. sclerotiorum 0.76 (0.22) 0.55 (0.15) 0.52 (0.09) 0.28 (0.00) 34.53 (10.93) 48.49 (21.42) 
T. reesei 0.99 (0.18) 0.78 (0.06) 0.69 (0.10) 0.42 (0.06) 43.51 (13.83) 67.38 (33.55) 
        Switchgrass F. oxysporum 0.10 (0.06) -0.01 (0.07) 0.51 (0.07) 0.35 (0.06) 20.26 (7.41) 87.43 (42.90) 
G. zeae 0.15 (0.07) 0.06 (0.08) 0.60 (0.13) 0.45 (0.06) 22.52 (8.59) 97.48 (48.43) 
S. sclerotiorum 0.31 (0.12) 0.23 (0.08) 0.42 (0.09) 0.23 (0.05) 29.68 (11.8) 52.7 (23.68) 
T. reesei 0.72 (0.16) 0.49 (0.11) 0.67 (0.12) 0.43 (0.04) 41.65 (10.4) 70.85 (40.62) 
         37 Avicel F. oxysporum 0.25 (0.11) 0.14 (0.08) 0.42 (0.13) 0.22 (0.06) 18.02 (2.73) 34.48 (6.15) 
G. zeae 0.38 (0.15) 0.31 (0.11) 0.57 (0.11) 0.39 (0.06) 19.30 (1.01) 56.02 (7.99) 
S. sclerotiorum 1.62 (0.07) 1.35 (0.10) 0.55 (0.08) 0.33 (0.03) 35.40 (4.27) 47.93 (7.42) 
T. reesei 2.28 (0.25) 1.78 (0.25) 0.76 (0.18) 0.55 (0.04) 47.62 (3.55) 61.62 (7.74) 
        Switchgrass F. oxysporum 0.46 (0.09) 0.29 (0.05) 0.70 (0.10) 0.48 (0.05) 20.62 (2.08) 89.91 (18.68) 
G. zeae 0.52 (0.13) 0.45 (0.07) 0.72 (0.11) 0.55 (0.05) 22.10 (2.98) 97.66 (21.59) 
S. sclerotiorum 0.81 (0.16) 0.91 (0.14) 0.42 (0.04) 0.26 (0.04) 29.08 (2.80) 51.48 (8.41) 
T. reesei 1.72 (0.18) 1.30 (0.13) 0.72 (0.09) 0.53 (0.04) 44.33 (5.26) 67.99 (13.23) 
         50 Avicel F. oxysporum 0.67 (0.31) 0.61 (0.27) 0.40 (0.14) 0.24 (0.07) 25.92 (3.26) 48.23 (7.86) 
G. zeae 0.62 (0.27) 0.71 (0.18) 0.42 (0.15) 0.28 (0.05) 27.45 (3.65) 81.11 (13.49) 
S. sclerotiorum 1.97 (0.16) 2.56 (0.55) 0.24 (0.08) 0.15 (0.01) 39.71 (5.83) 60.18 (5.17) 
T. reesei 6.64 (0.89) 5.94 (0.91) 0.91 (0.23) 0.70 (0.09) 55.71 (5.56) 97.27 (21.97) 
        Switchgrass F. oxysporum 1.14 (0.12) 1.11 (0.10) 0.59 (0.17) 0.42 (0.07) 27.74 (3.33) 122.56 (14.84) 
G. zeae 0.85 (0.22) 0.79 (0.13) 0.54 (0.18) 0.41 (0.05) 29.28 (4.55) 135.85 (23.30) 
S. sclerotiorum 1.06 (0.20) 1.31 (0.26) 0.19 (0.06) 0.13 (0.01) 34.71 (5.17) 69.04 (12.50) 
T. reesei 5.42 (0.51) 4.70 (0.34) 0.76 (0.16) 0.67 (0.10) 52.08 (7.11) 107.08 (24.39) 
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 The least squares model identified the most significant effects and interactions. All four main 
effects (S, F, T, and M) were highly significant, as were several two and three factor interactions (Table 
12). The T x M interaction was not significant, nor were higher order interactions containing this 
term. The interactions with fungal species, growth media, and assay temperatures group the six assay 
substrates into four major categories: 1) insoluble, primarily exo-glucanase hydrolyzed microcrystalline 
cellulose (Avi, FP), 2) insoluble, heterogeneous monocot biomass (CS, SG), 3) soluble, endo-glucanase 
hydrolyzed cellulose (CMC), and 4) miscible arabinoxylan (AX). Avicel-based growth media generally 
induced greater hydrolytic activity in S. sclerotiorum and T. reesei for all substrates except AX (Figure 5A-
E). Switchgrass-based media showed a slight induction of hydrolytic activity for these two species on AX 
(Figure 5E). Switchgrass media induced higher activity compared to Avicel media in F. oxysporum and G. 
zeae on all substrates tested, particularly CS, SG, and AX (Figure 5D-F).  
Table 12: Least squares model for the effects of assay substrate (S), fungal species (F), assay 
temperature (T), growth media (M), and their significant interactions on log transformed data (mM 
reducing sugars + 1.14). 
Source Nparm DF DFDen F Ratio p-value 
      
S 5 5 592 1861.77 < 0.0001 
F 3 3 28 263.44 < 0.0001 
T 1 1 592 354.40 < 0.0001 
M 1 1 28 20.74 < 0.0001 
S x F 15 15 592 60.06 < 0.0001 
S x T 5 5 592 74.73 < 0.0001 
S x M 5 5 592 37.47 < 0.0001 
F x T 3 3 592 40.42 < 0.0001 
F x M 3 3 28 56.06 < 0.0001 
S x F x T 15 15 592 5.67 < 0.0001 
S x F x M 15 15 592 3.07 <0.0001 
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Regulation of fungal CWDEs is controlled largely at the transcriptional level (Aro et al. 2005). 
Polysaccharides and smaller molecules derived from them can induce expression of genes coding for 
appropriate enzymes. Expression can also be repressed when those enzymes are not needed. 
Production of xylanases and other accessory CWDEs is controlled in part by the transcriptional activator 
Xyr1 in T. reesei and G. zeae, and the orthologous XlnR in F. oxysporum (Rauscher et al. 2006; Stricker et 
al. 2006; Brunner et al. 2007; Calero-Nieto et al. 2007; Calero-Nieto et al. 2008). Growth media is known 
to influence microbial enzymatic diversity and activity (Duff et al. 1987). Recent proteomic studies of G. 
zeae found at least 25 potential CWDEs expressed in planta during fungal infection of wheat heads and 
over 49 potential CWDEs expressed when grown on hop cell wall (Phalip et al. 2005; Paper et al. 2007). 
By comparison, only 9 potential CWDEs were expressed when G. zeae was grown on glucose (Phalip et 
al. 2005). These enzymes have important roles in plant-microbe interaction since at least 20 CWDEs 
have been identified as potential virulence factors in G. zeae (Cuomo et al. 2007). Similar results have 
been found in S. sclerotiorum; when grown on wheat bran, more xylanases were induced than when 
grown on filter paper or xylan (Olfa et al. 2007). For these reasons, when screening fungal cultures for 
novel enzymes it is important to consider the effect of growth media on protein induction. 
 The slight increase in activity observed in extracts of Avicel-grown T. reesei and S. sclerotiorum 
when assayed on the two biomass substrates tested is probably due to greater induction of cellulases, 
rather than induction of xylanases, which was not significantly different for the two media. In contrast, 
switchgrass-based media induced the species F. oxysporum and G. zeae to produce a suite of enzymes 
with higher activity on CS, SG, and AX (Figure 5C, D, F), but extracts from this media had little effect on 
hydrolysis of pure cellulosic substrates like Avi, FP, and CMC (Figure 5A, B, E). These data suggest that 
the increased sugar release by F. oxysporum and G. zeae extracts observed on biomass is due, at least in 
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part, to xylanase activity. The hydrolysis products of hemicellulose react with DNS in the same manner 
as cellulose hydrolysis products, contributing directly to the total sugar content measured in the assay. 
Removal of hemicellulose could also improve the accessibility of cellulose microfibrils, resulting in higher 
cellulase activity. While hemicellulase activity clearly contributes to overall biomass hydrolysis, other 
mechanisms such as removal of lignin via peroxidase or esterase activity could also be induced by 
microbial growth on biomass. Although the plant pathogens F. oxysporum and G. zeae have lower 
cellulase activity compared to T. reesei (Figure 5A, B, E), when grown on switchgrass media, they have 
comparable activity to T. reesei on biomass and higher activity on arabinoxylan, potentially due to the 
expression of different classes or larger concentrations of enzymes. This demonstrates that non-
cellulolytic enzymes are being produced that contribute to overall biomass hydrolysis. These enzymes 
could potentially be used to complement and improve industrial enzyme preparations produced by T. 
reesei. 
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Figure 5: Effect of two growth media, Avicel (light gray) and switchgrass (dark gray), on polysaccharide 
hydrolysis rates by extracts of four fungi, F. oxysporum (Fo), G. zeae (Gz), S. sclerotinia (Ss), and T. reesei 
(Tr). Polysaccharide substrates include A) Avicel (A), B) filter paper (FP), C) corn stalk (CS), D) switchgrass 
(SG), E) carboxymethylcellulose (CMC); and F) arabinoxylan (AX). Avi and FP were hydrolyzed for 20 
hours, CS and SG were hydrolyzed for 80 hours, and CMC and AX were hydrolyzed for 2 hours. Error bars 
indicate mean standard error. 
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Comparing the activities of these isolates grown on different growth media also illustrates the 
need to evaluate multiple growing conditions for enzyme activities. Growth and CWDE production may 
be reduced if the fungi cannot adequately degrade and utilize the complex polysaccharides. 
Furthermore, biomass may contain compounds that are inhibitory to fungal growth. By comparing 
activities produced on Avicel- and switchgrass-media with multiple substrates, we were able to note the 
differential activities that indicate presence of non-cellulolytic enzymes.  
 Extracts from all species showed increased hydrolysis rates with increasing temperature for the 
substrates Avi and FP (Figure 6A, B). Activity of F. oxysporum and G. zeae was not detectable at 22°C. On 
biomass, activity of T. reesei increased with increasing temperature, while F. oxysporum, G. zeae, and S. 
sclerotiorum had highest activity at 37°C (Figure 6C, D). S. sclerotiorum had similar activities at 22 and 37 
ºC, and significantly reduced activity at 50°C. F. oxysporum and G. zeae had lower activities than S. 
sclerotiorum and T. reesei when tested on CMC (Figure 6E), but higher activities than S. sclerotiorum and 
comparable activity to T. reesei on AX (Figure 6F). On both of these substrates, there was no difference 
in activity at 22 and 37°C, but increased activity at 50°C. Although arabinoxylanase activity is highest at 
50°C, this assay was only conducted for 2 h, compared to 80 h for the biomass assay. Short-term 
improvements in activity by increasing temperature may be outweighed by the long-term consequence 
of thermal instability. The pathogens used in this study were isolated from New York State, and have the 
ability to thrive on plant biomass at moderate temperatures (Sutton 1982). G. zeae overwinters on and 
within field residues of maize (Zea mays) and small grains, particularly in the recalcitrant nodal areas 
(Sutton 1982). It grows as a saprophyte during the fall, winter, and spring, during which time CWDEs 
may be very important for growth and reproduction. There is evidence that temperatures between 22-
24°C favor outbreaks of ear rot (Sutton 1982; Paul et al. 2007). The fungus may benefit from copious 
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production of CWDEs during this rapid necrotrophic growth phase. Similarly, although S. sclerotiorum is 
not a competitive saprophyte in the soil, it grows rapidly in culture and in planta and relies on CWDE to 
facilitate rapid colonization of plants (Morrall and Dueck 1982; Hegedus and Rimmer 2005).  
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Figure 6: Effect of three temperatures, 22 (light gray), 37 (medium gray), and 50 °C (dark gray), on 
polysaccharide hydrolysis rates by extracts of four fungi, F. oxysporum (Fo), G. zeae (Gz), S. sclerotinia 
(Ss), and T. reesei (Tr). Polysaccharide substrates include A) Avicel (A), B) filter paper (FP), C) corn stalk 
(CS), D) switchgrass (SG), E) carboxymethylcellulose (CMC); and F) arabinoxylan (AX). Avi and FP were 
hydrolyzed for 20 hours, CS and SG were hydrolyzed for 80 hours, and CMC and AX were hydrolyzed for 
2 hours. Error bars indicate mean standard error. 
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 Enzyme activity is expected to increase with increasing temperatures, in some cases doubling 
with every 10°C increase up until a point of thermal inactivation (Fullbrook 1996; Rosgaard et al. 2006). 
Maximum activity for fungal cellulases has been observed between 45 and 55°C (Saddler and Gregg 
1998; Tengborg et al. 2001). Hydrolysis at higher temperatures with increased enzyme activity could 
reduce the costs associated with producing ethanol from biomass by reducing reaction time and 
required enzyme loading. Much work has been done to improve the thermostability of cellulases and 
other hydrolytic enzymes at temperatures above 50°C (Ai and Wilson 2002; Gusakov et al. 2005; 
Voutilainen et al. 2007). In a conversion plant employing a separate hydrolysis and fermentation 
scheme, each step can operate at its optimum temperature, making enzymes active at 50°C or higher 
important for efficient hydrolysis (Tengborg et al. 2001). On the other hand, plants operating with a 
simultaneous saccharification and fermentation schemes will require enzymes that are most active 
between 35 and 38°C for maximum hydrolysis (Szczodrak and Fiedurek 1996; Tengborg et al. 2001). This 
is a compromise between the optimum temperature for hydrolysis and the optimum for fermentation, 
which is between 28 and 35°C (Szczodrak and Fiedurek 1996). It is possible that plant pathogens that 
thrive in mesophilic environments may provide enzymes that could be optimized for either operational 
scheme, as is already the case with T. reesei. 
Conclusions 
 This research presents a rapid, quantitative, reproducible, and high-throughput platform for 
analyzing CWDE activities of fungal extracts. By choosing appropriate cell wall components as 
substrates, it is possible to gain insight into the mechanism of hydrolysis for complex and heterogeneous 
biomass materials. Though this study used only two complex biomass substrates for analysis, more 
complete information on CWDEs substrate specificity and activity could be obtained by using additional 
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biomass sources and pretreated biomass materials. Greater diversity of substrates will allow for better 
characterization and diversity of CWDEs for cellulolytic cocktails. Use of multiple fungal growth media 
and hydrolytic assay temperatures in this screening platform provides a more complete picture of 
substrate specificity and thermostability.  
 Microbes employ a variety of enzymes to deconstruct the plant cell wall and growth medium 
affects the activity observed in the final extracts. Complex polysaccharides such as those found in the 
cell wall can induce synthesis of enzymes preferentially hydrolyzing those sugars. In addition to 
substrate specificity, enzymes have temperature optima that may reflect the environment of the 
microbe that produces them. Enzymes of T. reesei are quite stable at higher temperatures, but 
improving thermal stability of novel accessory enzymes could be an important target for improving 
overall industrial biomass conversion. While the T. reesei enzyme system is quite efficient at degrading 
pure cellulose, there are opportunities to complement its enzyme systems with novel enzymes from 
other species. The fact that the plant pathogenic fungi used in this study compared favorably to T. reesei 
is supported by genomic and proteomic analyses demonstrating that plant pathogenic fungi are rich 
reservoirs of multiple classes of enzymes involved in cell wall breakdown (Phalip et al. 2005; Yajima and 
Kav 2006; Paper et al. 2007; Martinez et al. 2008). Identifying superior species and isolates is an 
important first step to obtaining novel cellulolytic enzymes. 
 Future studies based on this initial work will characterize individual enzyme components 
produced by plant pathogens identified as having good crude activity to obtain information on mode of 
catalytic behavior and specific activity. With this information, more complete enzyme cocktails could be 
developed, incorporating additional cellulases and accessory enzymes complementary to current 
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cellulolytic cocktails’ activities. Plant pathogens present a unique opportunity for prospecting for novel 
cellulolytic and accessory enzymes for biomass hydrolysis (King et al. 2009).
  
 91 
 
CHAPTER 4: OBSERVING THERMOBIFIDA FUSCA CELLULASES CEL5A AND CEL6B BINDING ON SIMPLE AND COMPLEX 
BMCC MORPHOLOGICAL STRUCTURES USING EPI-FLUORESCENT MICROSCOPY 
 
Introduction 
Biological conversion of lignocellulosic biomass to fermentable sugars is chiefly accomplished by 
a class of enzymes called cellulases. At the most fundamental scale, cellulose hydrolysis occurs when 
cellulases bind to cellulose polymers and hydrolyze the β-1,4 linkages between glucose monomers 
(Ghosh and Singh 1993; Bayer et al. 1998; Wilson 2009). However, gaining access to polymers requires 
that cellulases diffuse and bind to complex three dimensional structures such as cellulose microfibers, 
mats, and particles. In addition, cellulases exhibit different binding characteristics depending on their 
reactive domains and evidence indicates the concerted effort of these different cellulases is required to 
efficiently hydrolyze cellulose polymers. Thus a mechanistic framework for cellulose hydrolysis is 
essential for improved design of cellulase cocktails for lignocellulosic biomass hydrolysis. 
The kinetics of cellulose hydrolysis is dominated by a set of mass transport and reactions that 
take place across multiple physical phases that represent a heterogeneous catalysis system.  Multiple 
enzymes with different modes of binding and hydrolysis, and varying sizes add an additional level of 
complexity that makes kinetic modeling challenging. Michaelis-Menten kinetics has been used 
extensively to model cellulose hydrolysis by cellulases (Suga et al. 1975; Okazaki and Moo-Young 1978; 
Gusakov et al. 1985; Nidetzky et al. 1994). However this kinetic framework is based on mass action laws 
for homogeneous reactions that cannot be directly applied to the heterogeneous cellulase-cellulose 
reaction. In this case the substrate, cellulose polymers in the plant cell wall, is embedded in a matrix of 
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hemicellulose and lignin, making access difficult without some pretreatment of the lignocellulose. The 
cellulose polymers themselves feature both macro-structures and pores that define the accessibility of 
the substrate to the enzymes. Previous studies show that surface accessibility is a key component to 
efficient lignocellulose hydrolysis (Jeoh et al. 2007; Zhu et al. 2011; Luterbacher et al. 2013). Cellulases 
hydrolyze cellulose most efficiently as part of a synergistic mixture, employing both endocellulases, 
which bind randomly along the cellulose polymer and hydrolyze β-1,4 linkages in the middle of the chain 
before either unbinding and diffusing away or processing to the next link for hydrolysis, and 
exocellulases, which bind at the ends of cellulose polymers and release smaller oligosaccharides from 
the ends of the chains. Together, these two modes of cellulolytic action enhance degradation, but there 
may be instances of steric hindrance on the cellulose surface and in the pore structure (Luterbacher et 
al. 2013). Developing a kinetic framework for cellulose hydrolysis by cellulases will require 
understanding the behavior of pure cellulase components, both endocellulase and exocellulase, and the 
behavior of these components in a mixture in addition to the effects of surface accessibility.  
Langmuir kinetics provides a classical heterogeneous catalysis framework for the modeling of 
cellulases binding to cellulose (Bothwell and Walker 1995; Zhang and Lynd 2004; Bansal et al. 2009). The 
insoluble cellulose substrate with its macro and micro pores, defines the reactive space in which 
enzymes are transported, bind and depolymerize cellulose. The formation of a reactive enzyme-
substrate complex is generally assumed to be a reversible mechanism, which is a core assumption of 
Langmuir kinetics. However, issues of steric hindrance and pore entrapment can yield binding kinetics 
that is not consisted with classic Langmuir kinetics. Thus, good temporal and spatial resolution of 
enzyme concentration within the pores and on the surface of insoluble cellulose is necessary to tease 
out molecular mechanisms involved in the enzymatic hydrolysis of cellulose. Previous studies in our 
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research group have documented and analyzed temporal cellulase binding data to develop an 
understanding of the molecular basis for enzyme-substrate interaction (Bothwell et al. 1997; Bothwell et 
al. 1997; Jeoh et al. 2002; Jung et al. 2002; Jung et al. 2003; Jeoh et al. 2006; Santhanam and Walker 
2008). More recently, we have developed high spatial and temporal resolution methods based on 
advanced imaging techniques and biochemically well characterized fluorescently labeled cellulases to 
obtain additional insights (Moran-Mirabal et al. 2008; Moran-Mirabal et al. 2009; Moran-Mirabal et al. 
2011; Luterbacher et al. 2013).  
Cellulases can be labeled with small organic dyes of various colors in a way that will minimize 
the effect on native activity (Moran-Mirabal et al. 2009). These labeled cellulases can be incubated with 
immobilized cellulose on a solid substrate and observed for several hours until binding equilibrium is 
achieved. The increase in florescence intensity detected by the camera as photons can be correlated to 
increased cellulase surface concentration. This ability to locate and track labeled cellulases provides a 
unique approach to observing cellulase transport and binding, and allow for the testing of hypotheses 
about cellulases interactions with the structural features of cellulose particles and fibers.  
The small organic dyes are subject to a process called photo-bleaching, wherein overexposure to 
light causes decay in the photon output of the molecules. This process is highly temperature dependent, 
with higher temperatures enhancing the bleaching effect. Photo-bleaching can be mitigated by the 
addition of ascorbic acid to the imaging buffer, but long term effects are still apparent in the temporal 
data. Additionally, the selection of the photon sampling space within the image can influence the quality 
of the signal detected. Larger spaces will contain more data points, but may also include more 
complicated cellulose structures, such as mats (Moran-Mirabal et al. 2008). Smaller sampling areas 
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contain less data, but also make it possible to interrogate small structures, such as fibrils, without much 
interference from other structures.  
The goal of this study was to develop a method to effectively track cellulase binding in real time 
and tease out insights into cellulose-cellulase binding interaction. Thermobifida fusca (T.fusca) 
endocellulases and exocellulases are applied to immobilized cellulose substrates and binding is observed 
at three temperatures to build a kinetic framework for cellulase binding in pure components and in 
synergistic mixtures. The effects of photo-bleaching for each dye are measured and a correction is 
established to remove the artifact. The variations in image analysis methods are evaluated to glean the 
most relevant spatial and temporal data from each experiment. The synthesis of effectively collected 
spatial and temporal binding data with thoughtful analysis will contribute to greater understanding of 
the fundamental mechanisms governing cellulase-cellulose binding and hydrolysis. 
Materials and Methods  
Cellulase labeling and purification 
 T. fusca cellulases Cel5A and Cel6B were expressed and purified as described in Jeoh et al. 2002 
(Jeoh et al. 2002). The cellulases were fluorescently labeled with amine–reactive dyes Alexa Fluor 488 
and 647 (Invitrogen, Carlsbad, CA) at 10 μM concentration with labeling molar ratio (LMR) of 100:1 at 
4°C for 24 hours using the solid phase (SP) labeling method of Moran-Mirabal et al. 2009 (Moran-
Mirabal et al. 2009). Briefly, the cellulases were labeled using the SP technique to prevent labeling of the 
enzymes’ active site. Labeled enzymes were separated using fast protein liquid chromatography (FPLC) 
into populations with distinct degrees of labeling (DoL) at 21°C. Protein concentration and DoL were 
measured for each labeled fraction. Only the fractions of enzymes with a DoL of 1 were used for the 
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experiments described in this paper. Hydrolytic activities of labeled cellulases were measured using 
BMCC and compared to that of unlabeled enzymes as described in Moran-Mirabal et al. 2009. No 
significant change in activities was observed (Moran-Mirabal et al. 2009). Labeled cellulase fractions 
were distributed into 50 µL aliquots at concentrations of 200 nM and stored at -20°C. For the 
experiments described in this paper, the 200 nM fractions were diluted in 50mM sodium acetate buffer 
to a final enzyme concentration of 2 nM. 
Immobilized cellulose substrate preparation 
 A solution of 1mg/ml bacterial micro-crystalline cellulose (BMCC, Monsanto Cellulon, San Diego, 
CA) in water was pretreated as previously described in Jeoh et al. 2002 and Santhanam et al. 2008 (Jeoh 
et al. 2002; Santhanam and Walker 2008). A 50 µg/ml BMCC suspension in MilliQ water was sonicated 
for 5 min at 60% amplitude using a SPLt sonicator (Branson, Danbury, CT) to break up some of the more 
dense cellulose aggregates into less dense pieces, including some individual fibers. For the room 
temperature experiments, glass slide bottomed petri dishes (MatTek Corp., Ashland, MA) were used to 
prepare the immobilized cellulose substrate. For the 34° and 50 °C experiments, a Bioptechs 
temperature controlled fluidic chamber (FCS2 chamber assembly, Bioptechs, Butler, PA) was used with 
40 mm 170 µm thick glass wafers (Bioptechs, Butler, PA) to prepare the immobilized cellulose substrate. 
In all cases, the glass substrates were pretreated in a Plasma Cleaner (Harrick, Ithaca, NY) to make a 
hydrophilic surface for depositing the BMCC. Five 10 µL drops of BMCC in water solution were placed on 
the glass surface, spread around, and allowed to lightly dry on a 70°C hotplate for 30 minutes for an 
initial cellulose loading of 2.5 µg. The substrates were rinsed with MilliQ water to remove any non-
adhered cellulose and then incubated with a solution of 10% BSA (Fisher Scientific, Pittsburgh, PA) in 50 
mM sodium acetate buffer overnight at room temperature to minimize non-specific adhesion of 
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cellulases onto the substrate surface. Following the incubation, the substrates were washed with 50 mM 
AA buffer (degassed 50 mM sodium acetate buffer pH 5.5 supplemented with 5 mM ascorbic acid) to 
remove the BSA. Ascorbic acid was added to scavenge oxygen in the buffer solution and reduce the 
effects of photo-bleaching during the experiment as described in Moran-Mirabal et al. 2008 (Moran-
Mirabal et al. 2008). The samples were loaded onto the microscope and the temperature was held 
constant in the 34 and 50°C experiments by resistive heating provided by the FCS2 assembly. 
Cellulase imaging 
Binding time lapse experiments 
 For each experiment, an area of interest was selected on the cellulose substrate then the AA 
buffer was removed and replaced with 2.5 mL of the 2nM cellulase solution in 50 mM AA buffer for a 
total enzyme loading of 0.005 nmoles. In room temperature experiments the buffer was removed and 
cellulase solution was added using a 5 mL pipette and in the higher temperature experiments buffer was 
removed and cellulase solution was added using a syringe pump. Cellulase binding was observed using 
an Olympus IX-81 inverted microscope with ZDC focus correction, a motorized X–Y stage (ASI, Eugene, 
OR), and a 60x/1.2NA UPLSAPO Olympus water immersion objective (Olympus, Center Valley, PA). 
Appropriate filters were used for both excitation and emission for enzymes labeled in different colors, 
Semrock Brightline 485/20-25 and 523/45-25 for excitation and emission for the 488 channel 
respectively, Semrock Brightline 650/13-25 and 676/29-25 for excitation and emission in the 647 
channel, and a Semrock 410/504/582/669 nm BrightLine quad-edge dichroic beamsplitter (Semrock, 
Rochester, NY). Olympus software (Olympus, Center Valley, PA) was used to control the filter wheels 
and shutters, allowing for data acquisition in both the 488 and 647 channels. Images were recorded on a 
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Hamamatsu ImageEM EMCCD camera (Hamamatsu Bridgewater, NJ) with exposures of 50 ms. Three 
exposures were taken and averaged to produce each frame to improve the signal to noise ratio. The 
sample was exposed to light only during image acquisition, a total of 150ms for each frame. Binding 
time-course experiments were run for up to 240 minutes for room temperature experiments, 180 
minutes for 34° experiments and 20 minutes for 50° experiments. Images were obtained at pre-
determined intervals to capture the binding phenomena at each temperature and saved as stacks of raw 
image data. In all experiments, the total exposure time was limited to 15 seconds (50 ms/frame, 3 frame 
average, 100 total frames). 
 Photo-bleaching measurement 
 Cellulose substrates and cellulase solutions were prepared as previously described in this 
chapter. Instead of applying the substrate to the microscope and observing the initial cellulase binding, 
the cellulases were allowed to bind overnight in a dark chamber to come to an equilibrium level of 
binding. Once an equilibrium level of binding had been achieved, the substrates were imaged using the 
Olympus IX-81 inverted microscope with the 60x/1.2NA UPLSAPO Olympus water immersion objective. 
Appropriate filters as previously described, were used for both excitation and emission for enzymes 
labeled in different colors and Olympus software was used to control the filter wheels and shutters, 
allowing for data acquisition in both the 488 and 647 channels. Images were recorded on a Hamamatsu 
ImageEM EMCCD camera with exposures of 50 ms. The sample was exposed to light only during image 
acquisition. The bound labeled enzymes were exposed to the same amount of light that they would 
receive over the course of the experiments previously described. For these experiments the total 
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exposure time was limited to 15 seconds (50 ms/frame, 3 frame average, 100 total frames). Photo-
bleaching was measured at 23, 34 and 50◦C for each enzyme and fluorophore.  
Image analysis 
 All images were obtained as stacks of image files and were aligned and corrected for stage drift 
using ImageJ plugin StackReg (National Institutes of Health, USA). The signal intensities in the aligned 
images were pre-processed for analysis using a custom MATLAB program (The Mathworks, Natick, MA) 
adapted from Moran et al. 2008 to separate pixels into signal and background populations over the 
time-course for both the 488 channel and the 647 channel (Moran-Mirabal et al. 2008). First, the routine 
prompts the user to select the center point of a region to analyze. To document the effect of the 
number of pixels on the quality of the data produced, three different sizes were used for this region of 
interest, a 10 x 10 pixel, a 50 X 50 pixel, and a 100 x 100 pixel squares. Once the center point of each 
square was determined, the user is prompted to select background pixels from the region of interest to 
establish a threshold for separating signal pixels, with fluorescence detected from the bound cellulases, 
from background pixels, which have no detected signal from the fluorescent cellulases. Unbound 
cellulases in solution have negligible fluorescent signal in the plane of focus due to their low 
concentration in the chamber. The average intensity and the standard deviation of that intensity were 
measured for a selected background region for all time points in the series and the mean background 
was subtracted from each image to correct for fluctuations in illumination intensity. Saturated signal 
pixels were also removed during this pre-processing. Saturated areas occur when the fluorescence 
intensity signal from the bound cellulases exceeds the detection limit of the camera in a region, resulting 
in saturated pixels that limit the detection of changes in intensity in that area.  
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Signal pixels were assigned by generating a mask from the final image recorded during the time-
course, to obtain good contrast between signal and background populations as described in Moran-
Mirabal et al. 2008 (Moran-Mirabal et al. 2008). From the selected image, a threshold grayscale level 
was calculated and the image was separated into signal and background. A mask of signal pixels is 
generated and successively applied to all images recorded during the time-course. This was done to 
ensure that the same number of pixels are considered signal in all images contained within the stack. 
The program calculates the integrated mean and standard deviation of pixel intensities for the selected 
signal regions for each time point. All of the image data was subject to this image analysis program to 
obtain quantitative data for the binding time-course experiments and the photo-bleaching 
measurements.  
 Fluorescence intensity data from the photo-bleaching experiments for both AF488 and AF647 
was imported into MS Excel to determine the temporal effect of photo-bleaching. The fluorescence 
signal intensities were plotted against the number of frames to show the decrease in detected 
fluorescence signal with increasing total light exposure over the course of the experiment. A linear 
regression was fit to the data. The slope, m, the y-intercept, b, and the R2 value of the decrease in 
detected fluorescence were determined using the LINEST function in MS Excel. A linear function, shown 
below as equation 66, was used to correct for photo-bleaching in each frame in a series.  
  ̂      65 
Where    is the detected fluorescence intensity at time t,  ̂  is the corrected fluorescence intensity at 
time t, and   is the photo-bleaching correction factor. For each frame, the signal intensity is adjusted by 
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this correction to minimize the effect of photo-bleaching on the measurement. This process was 
repeated for each fluorophore, AF488 and AF647, at each temperature, 23°, 34°, and 50°C.  
The time course fluorescence signal intensity data for each experiment was imported into MS 
Excel and the data was compiled according to cellulase, either Cel5A or Cel6B and label color, either 
AF488 or AF647. The pre-processed signal intensities from the binding time-course experiments were 
corrected for photo-bleaching in each data set. The resulting sets of corrected fluorescence intensity 
data were normalized to 1 to facilitate comparisons between experiments with different numbers of 
signal pixels and therefore different levels of detected fluorescence intensities. These photo-bleaching 
corrected and normalized fluorescence data sets were plotted against the time-course to show the 
increase in fluorescence in the selected region of interest with time, corresponding to the increasing 
concentration of bound cellulases.  
Results 
Photo-bleaching Corrections 
As noted earlier, bleached fluorophores are not detected by the camera and therefore are not 
measured, though they occupy a binding site on the substrate. Thus, it is necessary to correct for the 
effects of bleached enzymes on overall cellulase concentration measurements. Temperature also affects 
the photons emitted by each fluorophore, with reduced signal at higher temperatures. This loss of signal 
can also be corrected for once the bleaching characteristics are documented.  
Photo-bleaching was measured by preparing a BMCC substrate as described earlier, applying a 
solution of labeled cellulases, and allowing the mixture to bind until equilibrium occurs, by allowing the 
apparatus to incubate overnight in a dark chamber. The BMCC substrate was placed on microscope 
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stage, as described earlier, and the bound labeled enzymes were exposed to the same amount of light 
that they would receive over the course of an experiment. For all experiments and fluorophores, 
bleaching was measured at 23, 34 and 50◦C. For these experiments the total exposure time was limited 
to 15 seconds (50 ms/frame, 3 frame average, 100 total frames). Figure 7 is a representative plot of the 
loss of fluorescence intensity with time for Cel5A labeled with AF488 at 50°C for one of the experiments 
described, before the photo-bleaching correction is applied.  
 
Figure 7: Loss of detected fluorescence signal for AF488 (green triangles) and AF647 (red squares) at 
50°C over the course of 100 frames. Each frame is an average of three 50ms exposures, 150ms per 
frame. For 100 frames, the total time the sample is exposed to light is 15 seconds. At 50°C, 20% of the 
signal is lost in the 488 channel and 30% in the 647. The decay in the detected signal is linear in this time 
frame, and so a correction function can be applied to the data. 
 
The detected loss of fluorescence signal over the course of the experiment due to photo-bleaching was 
linear for all temperatures; thus, a linear regression was fitted to these data. The values for the slope, m, 
the y-intercept, and r2 are shown in Table 13 below for all temperatures and fluorophores. The slope, m, 
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is a measure of the loss of fluorescence intensity in each frame. Thus, we can use m to correct the 
experimental data for loss of fluorescence.  
Table 13: Values of m for each fluorophore for each temperature. These values are used in eq. 1 to 
correct the experimental data for the effects of photo-bleaching. 
 
AF 488 
 
AF 647 
Temperature Slope, m y-intercept r2 
 
Slope, m y-intercept r2 
23°C -0.00136 1.020 0.970 
 
-0.00091 1.018 0.934 
34°C -0.00027 0.980 0.990 
 
-0.00036 0.971 0.985 
50°C -0.00175 0.981 0.972 
 
-0.00259 0.975 0.990 
 
Two scenarios for photo-bleaching correction were derived: first, an assumed steady-state correction, 
depicted as follows in Figure 8: 
Figure 8: Depiction of a steady-state loss of fluorescence due to photo-bleaching, where: It is the signal 
at time t, It-1 is the signal at time t-1 (preceding frame), and χ is the fraction of bleached fluorophores 
We know that It is equal to the signal at time t-1, minus some fraction of bleached fluorophores: 
               66 
The corrected signal   ̂ is the signal recorded at time t, plus the signal from the fraction of bleached 
fluorophores added back in. 
 𝐼𝑡   𝐼𝑡  
𝜒𝐼𝑡   
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  ̂           67 
Such that   ̂ is simply equivalent to     . 
Fluorophore bleaching is more generally defined as an exponential decay dictated by a characteristic 
bleaching time assuming constant illumination: 
  /
0
/
0
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t eIeII
   68 
Where I0 is the fluorescence intensity at time t=0, τ is the characteristic decay time, and where in the 
second expression f is the number of frames after the initial intensity and ϕ the characteristic decay in 
frames. Assuming the fluorescence decay is slow in the time course experiments considered, Equation 
69 can be expanded according to the Taylor series as follows:  
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If we consider just the intensities in the frame at time t and the frame at time t-1 (f=1) this becomes 
    11tt II  70 
 This can be rearranged to 
 
     
 
   
   
71 
Combining (71) with (66) and (67) we get 
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 ̂  
 
   
   
72 
The fractional intensity loss per frame corresponds to χ, and the accumulated loss of fluorescence 
intensity due to photobleaching over the time course is χf, where f is the frame number. From the linear 
regression data, we know that the slope m is the fractional intensity loss per frame χ for each 
fluorophore and temperature. We can define αd as the quantity 
 
    
 so that the correction given by (72) 
becomes  
  ̂       73 
 
The value for αd is defined using a calibration standard, the known quantity of fluorescence decay for 
the fluorophores over time and will be a distinct value for each fluorophore, the 488 tag and the 647 
tag, denoted by d. In the time course investigated in this experiment, the decay is linear, and α can be 
defined in terms of the slope of the decay curve. The data and corrected values from photo-bleaching 
experiments using equal concentrations of Cel5A labeled with 488 tags and 647 tags at each 
temperature are shown below in Figure 9.  
 105 
 
 
Figure 9: Photo-bleaching correction data for all temperatures, 23°, 34°, and 50°C. Raw signal data for 
Cel5A labeled with 488 is shown with unfilled green triangles; photo-bleaching data corrected for Cel5A 
labeled with 488 is shown as filled green triangles. Raw signal data for Cel5A labeled with 647 is shown 
as unfilled red squares, photo-bleaching corrected data for Cel5A labeled with 647 is shown as filled red 
squares.  
The severity of the photo-bleaching effect varied with temperature. At room temperature (23°C), there 
was a 15% loss of signal in the 488 channel after 100 frames, and a 10% loss after 100 frames in the 647 
channel. At 34°C there was a 3% loss in the 488 channel after 100 frames and a 4% loss in the 647 
channel after 100 frames. At 50°C, the loss of signal after 100 frames was 20% in the 488 channel and 
30% in the 647. 
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 Though the photobleaching correction data was collected at steady state, the experimental data 
is being collected while additional fluorescence intensity is added to the system via cellulase binding on 
the cellulose substrate, as depicted in Figure 10: 
 
Figure 10: Depiction of the non-steady state loss of fluorescence intensity signal due to photobleaching. 
Where It is the signal at time t, It-1 is the signal at time t-1 (preceding frame), χ is the fraction of bleached 
fluorophores, and Ibt is the signal from the newly bound fluorophores 
In this situation, the fluorescence intensity I at time t is defined as follows: 
        (   )      74 
From (67) we know the corrected signal should be whatever the signal was in the preceding frame, plus 
whatever the signal from the newly bound enzymes is 
  ̂           75 
We can rearrange (74) to get 
 
     
      
   
 
76 
Substituting (76) into (75) we get 
 𝐼𝑡   𝐼𝑡  
𝜒𝐼𝑡   
𝐼𝑏𝑡 
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By multiplying the Ibt term by 
   
   
 we can rearrange (77) as follows 
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This simplifies to 
 
 ̂  
  
   
 
    
   
 
79 
We have already defined αd as the quantity 
 
    
 over the time course of the experiment, thus (79) 
simplifies to 
  ̂              80 
The values for α and χ have been previously defined from the linear slope of the decay data in Table 13.  
For Cel5A, the correction during the dynamic binding will be very small, as the binding all occurs 
very early in the time course, when the value for χt is low. The value of αdχt is low during this period, and 
the correction will be dominated by αdIt. Thus, the dynamic binding for Cel5A can likely be approximated 
by the steady state correction shown in (73). For Cel6B, the steady state correction will probably be fine 
for fibers, but since the mat structures continue to bind throughout the time course, it’s possible the 
value for αdχ for 647 will become significant. However, since the rate of binding slows as the time course 
progresses, the value for Ibt will become smaller, and the value for the corrected signal will be 
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dominated by the value of It-1, the signal from the enzymes that are already bound. In this case the 
correction for dynamic binding could still be approximated using the steady-state correction.  
Additionally, assuming I0 is the intensity at time 0, then in frame 1, all new fluorescence imaged 
in that frame is due to binding rather than photobleaching and I1 does not need to be corrected. 
However, after acquiring I1, a certain fraction of the fluorophores has been bleached, and those 
fluorophores can be approximated by  ̂      . The next frame, I2, needs to be corrected, but only for 
the fraction that has been bleached from I1 such that  ̂         . If this process is done iteratively, 
the correction does not require knowing anything other than the bleaching constant. This is a simplified 
correction and assumes bleaching occurs instantaneously after image acquisition. In practice, because 
the image acquisition takes some finite time, 50ms in this case, it approximates well in the early frames 
of the time course data. 
Influence of sampling size on structural information 
 High temporal and spatial resolution data can be obtained from a time-course series of 
fluorescent images. The goal is to maximize the fluorescent signal collected. Larger collection areas have 
more signal pixels, but also more background pixels without information. Smaller collection areas have 
less background, but have more variability in signal quality. To obtain the most useful information, it is 
important to understand the effect of the number of pixels in a sampled area has on the detected signal 
from that area.  
 In this study, we evaluated the best collection area size for detecting the signal from cellulases 
bound to individual BMCC fibers and the signal from more complex BMCC mats. Once the cellulase 
binding experiments were completed, the images were aligned in ImageJ and analyzed to separate 
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signal pixels from background pixels. An area of interest was selected from each image set and the 
temporal change in fluorescence intensity was measured. The shape of this area of interest was 
confined to a square, with the coordinates of the center of the square provided by the user. Once the 
center was determined, the size of the analysis square was varied from 10x10, 50x50, and 100x100 
pixels. Each pixel in this analysis corresponds to a length of 166.67 nm and each image is originally 
512x512 pixels. Each experiment in the room temperature (23°C) data set was subjected to this analysis. 
Representative figures from an individual data set are shown below in Figures 11 and 12.  
 Figure 11 below shows the position of each square on a sample image from the data set on the 
left and the corresponding time course data from that experiment on the right, for both Cel5A and 
Cel6B on BMCC mats. Mat is a term used to describe regions of high BMCC density, with many BMCC 
fibers clustered together and layered on the glass substrate. The representative images were taken from 
the frame with the highest detected signal, to highlight the cellulose morphologies studied. The data 
have been corrected for photo-bleaching.  
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Figure 11: 10x10, 50x50, and 100x100 pixel sampling squares superimposed on representative images 
from cellulase binding time course experiments shown on BMCC mats for both Cel5A (A) and Cel6B (C). 
Graphs show time course data for entire experiment for Cel5A (B) and Cel6B (D) on BMCC mats at 23°C. 
These figures are representative of the three replicates used for this data set. 
 
 Figure 12 shows similar data as figure 11 above, but for BMCC fibers. Fibers are the most basic 
BMCC morphology, with a maximum binding capacity that can be studied within the time courses 
described. The term fibers describes single lengths of BMCC that are distinct within the region analyzed. 
Fibers are low density BMCC on the glass substrate. 
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Figure 12: 10x10, 50x50, and 100x100 pixel sampling squares superimposed on representative images 
from cellulase binding time course experiments shown on BMCC fibrils for both Cel5A (A) and Cel6B (C). 
Graphs show time course data for entire experiment for Cel5A (B) and Cel6B (D) on BMCC fibrils 
 
The size of the sampling region has little effect on the data produced by the analysis of the 
structures within that region for Cel5A on both fibers and mats. There is a more pronounced effect of 
sampling size on the data produced by this analysis for Cel6B, with the 10x10 square showing higher 
fluorescence intensity for both fibers and mats. The 100x100 squares for Cel6B on both fibers and mats 
showed the lowest fluorescence intensity of the three squares analyzed. In each case, however, the 
shape of the curve was consistent across all three squares. To maximize the number of both signal and 
background pixels, the 100x100 squares were selected to use for all further data analysis. Though the 
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fluorescence signal due to increasing cellulase concentration on the BMCC fibers is the experimental 
response we are looking for, background pixels are important for the image preprocessing and 
minimizing the effects of fluctuations in illumination intensity. Thus, the 100x100 pixel squares were 
selected to maximize both signal and background data.  
T. fusca Cel5A and Cel6B time course binding results on BMCC fibers and mats 
 The variations in BMCC fiber and mat sizes and density meant the data from each individual 
experiment varied in fluorescence intensity, even within one temperature data set for one cellulase. 
Photobleaching corrected experimental data for the endocellulase Cel5A binding at room temperature 
(23°C), 34°C, and 50°C is shown in Figure 13 on both fibers and mats. Each figure shows the data sets 
used to calculate an average binding curve for Cel5A at 23°C and at 50°C and the binding curve for Cel5A 
at 34°C.  
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 Figure 13: Raw fluorescence signal data for Cel5A alone binding on BMCC fibers and mats at 23°C, 34°C, 
and 50°C. Each individual experiment is noted by the date and number if applicable. Raw signal data 
varies in intensity due to the heterogeneity of the BMCC substrates between experiments.  
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Photobleaching corrected experimental data for the exocellulase Cel6B binding at room 
temperature (23°C), 34°C, and 50°C is shown in Figure 14 on both fibers and mats. Each figure shows the 
data sets used to calculate an average binding curve for Cel5A at each temperature.  
Figure 14: Raw fluorescence signal data for Cel6B alone binding on BMCC fibers and mats at 23°C, 34°C 
and 50°C. Each individual experiment is noted by the date and number if applicable. Raw signal data 
varies in intensity due to the heterogeneity of the BMCC substrates between experiments. 
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Figures 13 and 14 show the effect of BMCC substrate heterogeneity on the experimental data produced 
by this method. As discussed, BMCC fibers are a less dense cellulose morphology, with a larger portion 
of readily accessible surface area available for cellulase binding, but the structures are small, and have 
fewer binding sites overall, making them less fluorescent than the mat structures for both Cel5A and 
Cel6B once cellulase binding is completed. The fluorescence response from mat structures varies widely 
depending on the density of the BMCC deposited in the area of the substrate imaged. More dense 
BMCC mat structures have more overall binding sites available and therefore have a greater 
fluorescence response. Though the fluorescence intensity data varies by experiment, the average data 
set for each cellulase at each temperature can tell us something about the trends in binding. The 
average data sets for cellulase binding for both Cel5A and Cel6B on fibers and mats at 23°C, 34°C, and 
50°C is shown in Figure 15 below. Table 14 shows the time to reach 95% of the maximum detected 
concentration of bound cellulases for both Cel5A and Cel6B at each temperature based on the average 
data sets.    
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Figure 15: Binding data for Cel5A at 23°C, 34°C, and 50°C for both fiber and mat structures and binding 
data for Cel6B at 23°C, 34°C, and 50°C for both fiber and mat structures. Fiber data is shown with a blue 
diamond, mat data is shown with a red square. 
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Table 14: Time (in minutes) to reach 95% of maximum bound cellulase concentration for Cel5A (left side 
of table) and Cel6B (right side of table) at 23°C, 34°C, and 50°C. 
 Cel5A   Cel6B 
Temperature Fibers Mats  Temperature Fibers Mats 
23°C 27.5 27.5  23°C 185 190 
34°C 35 44  34°C 65 140 
50°C 2.167 1.83  50°C 14.33 14.83 
 
From Table 14 we observe that Cel5A binding is rapid and the time to reach 95% of the steady-
state intensity tends to decrease with increasing temperature. Given the high affinity and accessibility of 
Cel5A, much of the initial binding is occurring during enzyme loading and is not reflected in the data set, 
leading to an initial observed binding measurement that is greater than 0 at all temperatures. Cel5A can 
still be seen to rapidly reach a peak detected amount of bound cellulase in all cases. Interestingly, there 
is not much difference in the rate of binding on the fiber vs. the mat structure, despite the greater 
accessibility of binding sites on the surface of fibers than those contained within a mat structure. Cel6B 
binding exhibited a much lower rate of initial binding than Cel5A, and generally exhibited much higher 
initial binding rates on fibers than on mats at both room temperature and at 34°C. Cel6B binds to the 
mat structure at a fairly constant rate, and does not appear to reach an equilibrium level of bound 
enzyme during the time course observed. The one exception is the result obtained at 50°C where the 
rates on the two structures are comparable and the times to reach 95% of steady-state intensity are 
comparable (see Table 14). This behavior is likely due to diffusion limitations associated with steric 
hindrance of the cellulases in the pores of the mat structure.  
Previous studies in the Walker lab have shown that a maximum level of initially bound cellulase 
is achieved after about two hours of binding, with the bound concentration decreasing gradually over 
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the next 15-20 hours (Jung et al. 2003; Jeoh et al. 2006). Cellulase binding observed in the first two 
hours of this study, is consistent with the published data. However, previous studies did not have the 
resolution in temporal data to the show the different initial rates of binding observed in Cel5A and 
Cel6B. The advantage of this study, and of the fluorescence microscopy technique, comes from 
collecting images and binding data as early as 1 minute after the addition of a cellulase solution to the 
cellulose substrate, and at 1 minute intervals thereafter, throughout the course of the binding 
experiment. Additionally, previous studies had no way of discerning binding patterns on different 
cellulose morphological structures. That Cel6B binds at different rates on fibers and mats is a result 
uniquely observable by fluorescence microscopy. 
Cellulose morphology affects cellulase binding through varying levels of easily accessible binding 
sites. For this study we focused on two morphologies, fiber and mat structures, which can be imaged 
simultaneously. Fibers are the most accessible with a large portion of available surface area, while mats 
are more complicated structures with a macro and micro-pores that define what fraction of the 
substrate is accessible for enzyme binding. Fibers are our most basic resolution for cellulase binding, and 
a peak detected level of cellulase binding can be observed on these structures. In the binding data 
collected and analyzed, the mat data sets had more signal pixels than the fiber data sets, since while the 
fiber structures are have more readily available surfaces for binding, the mats are more dense and have 
more surfaces for binding overall. The rate of diffusion into these mat structures is limited however. 
Previous work by the Walker lab has shown that the diffusion of cellulases into the cellulose pore 
structure can be influenced by steric hindrances (Yang et al. 2013). In this study, only initial binding of 
cellulases on cellulose was observed, and the rates and extents of any cellulose hydrolysis were not 
measured. Hydrolysis of the β-1,4 linkages between glucose monomers on the surface of the cellulose 
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micro-fibers will expose more cellulase binding sites. Though the time course experiments in this study 
were shorter than would be required for observing significant cellulose hydrolysis, it has been observed 
by others that this is a key rate-limiting step to cellulose degradation, rather than the initial binding itself 
(Luterbacher et al. 2013).  
Conclusions 
 In this study, we have presented a method of observing cellulase binding on BMCC with high 
temporal and spatial resolution using fluorescence microscopy at various temperatures. Cellulose fiber 
and mat structures can be easily discerned from these images and studied. The fluorescence response of 
the bound cellulase is very dependent on the density of the BMCC structures available for image 
processing. Though the BMCC morphologies vary in size and density in each experiment, quantitative 
information on the rate and extent of cellulase binding can be gleaned from the consistency of the 
shape of the binding curves for each enzyme at each temperature. The resulting images were used to 
generate quantitative cellulase binding data sets for binding on both fiber and mat macrostructures. The 
observed effects of photobleaching can be easily corrected through the use of linear regression data. 
Selected regions of interest can be used to select either BMCC fibers or mats for analysis, and in this 
study, these regions were 100 by 100 pixel squares to maximize the number of signal and background 
pixels. We can conclude from the data sets that the T. fusca endocellulase Cel5A shows a rapid initial 
binding phase without any apparent hindrance from the cellulose structure regardless of the 
temperature of the binding reaction, while Cel6B binds more rapidly on fibers than on the mat 
structures at lower temperatures, while binding at a similar rate on both mats and fibers at 50°C. In 
summary, this study demonstrates that effectively collected spatial and temporal binding data from a 
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fluorescence microscopy system can be combined with thoughtful analysis to contribute to greater 
understanding of the fundamental mechanisms governing cellulase-cellulose binding and hydrolysis. 
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CHAPTER 5: INVESTIGATING SYNERGISTIC BINDING BY MIXTURES OF THERMOBIFIDA FUSCA CELLULASES CEL5A AND 
CEL6B ON SIMPLE AND COMPLEX CELLULOSE STRUCTURES USING EPI-FLUORESCENT MICROSCOPY
Introduction 
Individual cellulases hydrolyze cellulose relatively slowly, but mixtures of cellulases and other 
plant cell wall degrading enzymes have been observed to act synergistically to enhance rates and 
extents of hydrolysis. In nature, cellulose degrading organisms, such as plant pathogenic fungi, produce 
a cocktail of enzymes, including cellulases with varying modes of action and accessory enzymes for 
biomass hydrolysis (Phalip et al. 2005; Paper et al. 2007; King et al. 2009; King et al. 2011). In cellulase 
synergism, it is assumed that the actions of endocellulases create more available sites for exocellulases 
to act, thereby increasing the overall activity of the mixture to an extent that is greater than the sum of 
the activities of the individual enzymes (Irwin et al. 1993; Walker et al. 1993; Santhanam and Walker 
2008). Elucidating the molecular mechanisms that give rise to synergistic behavior is an important 
research goal and could contribute to the design of more efficient cellulase cocktails for lignocellulose 
degradation.  
A major question is to what degree does cellulose morphological structure influence accessibility 
to cellulose polymers, how this accessibility changes with different cellulases, and how does this affect 
the ability of cellulases to act synergistically. In the case of cellulase hydrolysis by a mixture of 
endocellulases and exocellulases, binding site accessibility may be affected by steric hindrance within 
the porous structure of the cellulose substrate, the availability of sites in a complicated cellulose 
structure, and the rate of enzyme diffusion into the cellulose structure (Bothwell et al. 1997; 
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Luterbacher et al. 2013; Luterbacher et al. 2013; Yang et al. 2013).The adsorption of cellulases onto the 
cellulose polymer is a key step in the hydrolysis reaction and due to the dynamic nature of cellulose 
hydrolysis, the adsorbed concentrations of cellulases will change as the reaction proceeds. 
Understanding the mechanism of this dynamic binding will help to elucidate the synergistic interactions 
that yield enhanced hydrolysis of lignocellulosic biomass. 
Jeoh et al. hypothesized that the effects of synergism are related to cellulase binding in 
mixtures. They observed cellulase binding on BMCC using mixtures of Thermobifida fusca cellulases 
Cel5A, Cel6B and Cel9A, representing a classical endocellulase, an exocellulase and a processive 
endocellulase respectively, at 5 and 50°C (Jeoh et al. 2002). Their observations revealed that the activity 
of endocellulases increases the number of available binding sites for exocellulases in a mixture. From 
these observations, they obtained a measure of the degree of synergistic binding (DSB) throughout a 
time course and gained some insight on whether one or both cellulases in a mixture exhibited increased 
binding due to synergism. Cellulase binding on cellulose is a dynamic system where temperature has a 
strong influence on binding and catalytic activity (Jeoh et al. 2002; Jeoh et al. 2006; Moran-Mirabal et al. 
2011). Also, synergism decreases as the cellulose substrate becomes more recalcitrant, but the results 
they observed with Cel9A in the binary mixture on the more recalcitrant cellulose suggested endo-endo 
synergism (Jeoh et al. 2006).  
The goal of this study was to effectively track cellulase binding for two different cellulases in a 
mixture in real time and tease out insight into cooperative or competitive cellulase binding in the 
absence and presence of hydrolytic activity. Mixtures of fluorescently labeled T.fusca endocellulases and 
exocellulases were applied to immobilized cellulose substrates and binding was observed via 
fluorescence microscopy at room temperature and at 50°C to build a kinetic framework for cellulase 
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binding in in synergistic mixtures. Using fluorescence microscopy to observe cellulase binding on simple 
and complex cellulose structures increases the spatial and temporal resolution of the binding data, and 
allows us to calculate the DSB and gain insights into the dynamic nature of cellulase binding with 
excellent temporal resolution (Moran-Mirabal et al. 2008; Moran-Mirabal et al. 2011; Zhu et al. 2011; 
Moran-Mirabal et al. 2013; Yang et al. 2013). The synthesis of high resolution spatial and temporal 
binding data with thoughtful analysis will contribute to greater understanding of the fundamental 
mechanisms governing cellulase synergism and could contribute to the design of more efficient cellulase 
cocktails for lignocellulose hydrolysis.  
Materials and Methods 
Cellulase labeling and purification 
 T. fusca cellulases Cel5A and Cel6B were expressed and purified as described in Jeoh et al. 2002 
(Jeoh et al. 2002). The cellulases were fluorescently labeled with amine–reactive dyes Alexa Fluor 488 
and 647 (Invitrogen, Carlsbad, CA) at 10 μM concentration with labeling molar ratio (LMR) of 100:1 at 
4°C for 24h using the solid phase (SP) labeling method of Moran-Mirabal et al. 2009 (Moran-Mirabal et 
al. 2009). Only the fractions of enzymes with a degree of labeling of 1 were used for the experiments 
described in this paper. Hydrolytic activities of labeled cellulases were measured using BMCC and 
compared to that of unlabeled enzymes as described in Moran-Mirabal et al. 2009. No significant 
change in activities was observed (Moran-Mirabal et al. 2009). For the experiments described in this 
paper, the 200 nM fractions were diluted in 50 mM sodium acetate buffer for a final total enzyme 
concentration of 2 nM. For all experiments described in this chapter Cel5A was labeled with AF 488 dye 
and Cel6B was labeled with the AF 647 dye. A 1:1 Cel5A to Cel6B molar ratio was used in all 
experiments. The total enzyme loading for all experiments was 2 nM.  
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Immobilized cellulose substrate preparation 
 A solution of 1mg/ml bacterial micro-crystalline cellulose (BMCC, Monsanto Cellulon, San Diego, 
CA) in water was prepared as previously described in Jeoh et al. 2002 and Santhanam et al. 2008 (Jeoh 
et al. 2002; Santhanam and Walker 2008). A 50 µg/ml BMCC suspension in MilliQ water was sonicated 
for 5 min at 60% amplitude using a SPLt sonicator (Branson, Danbury, CT) to break up some of the more 
dense cellulose aggregates into less dense pieces, including some individual fibers. For the room 
temperature experiments, glass slide bottomed petri dishes (MatTek Corp., Ashland, MA) were used to 
prepare the immobilized cellulose substrate. For the 50 °C experiments, a Bioptechs temperature 
controlled fluidic chamber (FCS2 chamber assembly, Bioptechs, Butler, PA) was used with 40 mm 170 
um thick glass wafers (Bioptechs, Butler, PA) to prepare the immobilized cellulose substrate. In all cases, 
the glass substrates were pretreated in a Plasma Cleaner (Harrick, Ithaca, NY) to make a hydrophilic 
surface for depositing the BMCC. Five 10 µL drops of BMCC in water solution were placed on the glass 
surface, spread around, and allowed to lightly dry on a 70°C hotplate for 30 min for an initial cellulose 
loading of 2.5 µg. The substrates were rinsed with MilliQ water to remove any non-adhered cellulose 
and then incubated with a solution of 10% BSA (Fisher Scientific, Pittsburgh, PA) in 50 mM sodium 
acetate buffer overnight at room temperature to minimize non-specific adhesion of cellulases onto the 
substrate surface. Following the incubation, the substrates were washed with 50 mM ascorbic acid (AA) 
buffer (degassed 50 mM sodium acetate buffer pH 5.5 supplemented with 5 mM AA) to remove the BSA. 
Ascorbic acid was added to scavenge oxygen in the buffer solution and reduce the effects of photo-
bleaching during the experiment as described in Moran-Mirabal et al. 2008 (Moran-Mirabal et al. 2008). 
The samples were loaded onto the microscope and the temperature was held constant by resistive 
heating provided by the FCS2 assembly. 
 125 
 
Cellulase imaging 
Binding time lapse experiments 
 For each experiment, an area of interest was selected on the cellulose substrate then the AA 
buffer was removed and replaced with the 2 nM total cellulase solution in 50 mM AA buffer. In room 
temperature experiments the buffer was removed and cellulase solution was added using a 5 mL pipette 
and in the higher temperature experiments buffer was removed and cellulase solution was added using 
a syringe pump. Cellulase binding was observed as previously described. Olympus software (Olympus, 
Center Valley, PA) was used to control the filter wheels and shutters, allowing for data acquisition in 
both the 488 and 647 channels. Images were recorded on a Hamamatsu ImageEM EMCCD camera 
(Hamamatsu Bridgewater, NJ) with exposures of 50 ms. Three exposures were taken for each frame and 
averaged to improve the signal to noise ratio. The sample was exposed to light only during image 
acquisition, a total of 150 ms for each frame. Binding time-course experiments were run for up to 240 
min for room temperature experiments and 20 min for 50° experiments. Images were obtained at pre-
determined intervals to capture the binding phenomena at each temperature and saved as stacks of raw 
image data. In all experiments, the total exposure time was limited to 15 s (50 ms/frame, 3 frame 
average, 100 total frames).  
Relative fluorescence intensity measurement 
 DTAF labeled cellulose was prepared as described in Santhanam et al. was applied to the 
prepared glass substrates and the cellulases were allowed to bind overnight to come to an equilibrium 
(Santhanam and Walker 2008). For these measurements, an equimolar mixture of cellulase Cel5A 
labeled with AF488 and Cel5A labeled with AF647 was applied to the substrate. Once an equilibrium 
level of binding was achieved, the substrates were imaged using the Olympus IX-81 inverted microscope 
 126 
 
with the 60x/1.2NA UPLSAPO Olympus air objective as described earlier. Images were recorded on a 
Hammamatsu ImageEM EMCCD camera with exposures of 50ms. The sample was exposed to light only 
during image acquisition. 100 total frames were recorded with three 50ms exposures averaged to 
produce each frame. 
Image analysis 
 Images were pre-processed as previously described in Chapter 4. Briefly, stacks of image files 
and were aligned and corrected for stage drift using ImageJ plugin StackReg (National Institutes of 
Health, USA). The signal intensities in the aligned images were pre-processed for analysis using a custom 
MATLAB program (The Mathworks, Natick, MA) adapted from Moran et al. 2008 to separate signal 
pixels from background pixels (Moran-Mirabal et al. 2008). The average intensity and the standard 
deviation of that intensity were measured for a selected background region for all time points in the 
series and the mean background was subtracted from each image to correct for fluctuations in 
illumination intensity. Saturated signal pixels were also removed during this pre-processing, as 
previously described. Signal pixels were assigned by generating a mask from the final image recorded 
during the time-course, to obtain good contrast between signal and background populations as 
described in Moran-Mirabal et al. 2008 (Moran-Mirabal et al. 2008). From the selected image, a 
threshold grayscale level was calculated and the image was separated into signal and background. A 
mask of signal pixels is generated and successively applied to all images recorded during the time-
course. The program calculates the integrated mean and standard deviation of pixel intensities for the 
selected signal regions for each time point. All of the image data was subjected to this image analysis 
program to obtain quantitative data for the binding time-course experiments and the relative 
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fluorescence measurements. The pre-processed signal intensities from the binding time-course 
experiments were corrected for photo-bleaching in each data set as previously described in Chapter 4.  
Relative fluorescence between the two fluorophores was obtained by determining the ratio of 
the AF488 signal to the AF647 signal for each frame from the data recorded in the relative fluorescence 
measurements described for each temperature as shown in equation 81 below: 
                81 
Where       is the signal in the 488 channel in frame t,       is the signal in the 647 channel in frame t, 
and    is the ratio of the signal in each channel in frame t. The average value across the entire time 
course was determined from the value for equation 81 for each frame. 
 
 ̅  
∑        
 
 
82 
Where n is the number of frames in the time course. Experimental data sets were corrected using the 
average value for the ratio of signal in the 488 channel to signal in the 647 channel over 100 frames, to 
mitigate the difference in detected signal between the two fluorophores. Briefly, the signal data from 
the 647 channel was multiplied by  ̅ in the steady state system to compensate for the less intense 
fluorescence signal from fluorophores in the 647 channel as follows: 
       
   ̅         83 
 Where       
  is the corrected signal in the 647 channel. This correction facilitates comparison between 
enzymes labeled with 488 and enzymes labeled with 647 in the same experimental data set.  
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These photo-bleaching and relative fluorescence corrected fluorescence data sets were plotted 
against the time-course to show the increase in fluorescence in the selected region of interest with time, 
corresponding to the increasing concentration of bound cellulases. 
Results 
Binding time course data for Cel5A and Cel6B individually and in mixtures compared 
 Fluorescence intensity versus time is plotted in Figure 16 for labeled Cel5A on both fibers and 
mats for Cel5A alone and in a 1:1 mixture with Cel6B at the same molar concentration. The total enzyme 
loading in all cases is 2 nM. 
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Figure 16: Binding data for Cel5A individually (blue diamonds) and in a 1:1 mixture with Cel6B (red 
squares) on both BMCC fibers and mats at 23, 34, and 50°C. Fluorescence intensity in arbitrary units is 
plotted vs. time in minutes. The difference in the x-axis time course is due to the shorter time required 
for binding at high temperatures and the rate of fluorophore bleaching at high temperatures. This 
bleaching effect is discussed in Chapter 4. 
 
The binding time course was 240 minutes for the 23°C and 16.5 minutes at 50°C. The different time 
courses reflect how temperature influences the rate of binding, specifically, binding is faster at higher 
temperatures. The Cel5A binding time courses show a consistent shape between the individual 
component data and the mixtures data for each temperature, with a rapid increase in binding to an 
equilibrium level of binding that then holds steady throughout the course of the experiment. The 
average fluorescence intensity for Cel5A alone is consistently higher than the fluorescence intensity for 
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Cel5A in a 1:1 mixture with Cel6B at both 23°C and 50°C on both BMCC fibers and mats. On both fibers 
and mats Cel5A is binding to a lesser extent in a mixture than it is when it is alone. From these results, it 
is possible to conclude that some competitive binding with Cel6B may be occurring on the cellulose 
surface. The total enzyme loading is consistent for both the studies of Cel5A and Cel6B alone and the 1:1 
mixture studies, with a 2 nM solution of cellulases being applied to the substrate in all experiments, so 
there is no effect from a variation in total enzyme loading. Further, as discussed in Chapter 4, there is 
some constant αd that makes it possible to determine the concentration of fluorescently labeled 
cellulases, but at this time it is unknown. At room temperature (23°C), Cel5A binds at a slower initial rate 
in the 1:1 mixture with Cel6B than it does alone. There is little difference in the rate of binding at 50°C, 
regardless of whether Cel5A is the sole component or is in a 1:1 mixture with Cel6B, in both cases Cel5A 
reaches its equilibrium level of binding almost immediately. This trend was consistent for both fiber 
structures and mats.  
 Figure 17 below shows the fluorescence time course data for Cel6B labeled with AF 647 both 
alone and in a 1:1 mixture with Cel5A on both fibers and mats. 
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Figure 17: Binding data for Cel6A individually (blue diamonds) and in a 1:1 mixture with Cel5A (red 
squares) on both BMCC fibers and mats at 23, 34, and 50°C. Fluorescence intensity in arbitrary units is 
plotted vs. time in minutes. 
 
Similar to the Cel5A data, Cel6B alone seems to bind at a greater extent on both fibers and mats at 23°C 
than Cel6B in a mix. This result on fibers indicates competitive binding with Cel5A in a mixture at 23°C. 
Competitive binding is also occurring on the BMCC mat structures for Cel5A and Cel6B at 23°C. 
Interestingly, Cel6B at 50°C on both BMCC fibers and mats shows no difference in binding between 
Cel6B alone and in a 1:1 mix with Cel5A. Moran-Mirabal et al. showed that the fraction of Cel6B 
reversibly bound on BMCC decreases with increasing temperature, while the fraction of Cel5A that is 
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reversibly bound remains constant at room temperature and at 50°C (Moran-Mirabal et al. 2011). 
Irreversibly bound Cel6B could be inhibiting Cel5A binding at 50°C. 
 Table 15 shows the time in minutes to reach 95% of the maximum detected concentration of 
bound cellulases for both Cel5A and Cel6B at each temperature individually and in a 1:1 mixture of 
Cel5A and Cel6B.  
Table 15: Time (minutes) to reach 95% of the equilibrium level of binding on both mats and fibers at 23, 
34, and 50°C for Cel5A and Cel6B alone and in synergistic mixtures of Cel5A and Cel6B (equimolar 
mixtures). To compare times between Cel5A and Cel6B individually and in mixtures, in each case, the 
lower time to 95% is highlighted. 
 Fibers  Mats 
Temperature 
(°C) 
Cel5A 
alone 
Cel5A in 
mix 
Cel6B 
alone 
Cel6B in 
mix 
 
Cel5A 
alone 
Cel5A in 
mix 
Cel6B 
only 
Cel6B in 
mix 
23 32 65 185 197.5 
 
20 42.5 190 197.5 
50 1.67 2.67 14.3 15.2 
 
1 11.67 14.83 16 
 
As in the single component experiments described in Chapter 4, the time to 95% of maximum recorded 
binding decreases with increasing temperature on both BMCC fibers and mats. Cel5A reaches 95% of the 
equilibrium amount of bound enzyme faster than Cel6B does in all cases. At room temperature, Cel5A is 
slower to reach 95% of equilibrium in the mixture than in the single component on both fibers and mats. 
At 50°C on fibers, there is little difference in the time to 95% of maximum binding, but there is a large 
difference in time on mats. As previously discussed, BMCC mat structures are dense, with lots of surface 
area and potential binding sites that are contained in a matrix of BMCC fibers tangled together. While 
these binding sites are available, there may be steric hindrances between the cellulases that slow 
diffusion into the BMCC mat structure, or interactions between the BMCC and the cellulases that 
influence the rate of diffusion into the mat structure and therefore the rate of cellulase binding on the 
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mat structure. The binding curve for Cel5A at 50°C on mats in Figure 16 illustrates that this is not 
necessarily due to slower binding, but due to Cel5A increasing in bound concentration throughout the 
time course observed for the mixture rather than the quick peak and equilibrium reached for Cel5A 
alone. It is possible that this change in the shape of the binding curve is due to the synergistic activities 
of Cel5A and Cel6B together, creating new binding sites for Cel5A and therefore allowing it to continue 
binding throughout the time course observed. For Cel6B on both fibers and mats, though the individual 
component experiments show faster binding according to the data in Table 15, the difference is not very 
large. In mixtures and alone, Cel6B reaches its maximum bound concentration faster at 50°C than at 
23°C.  
Relative fluorescence intensity 
 Though we can gain insights into the binding behavior of Cel5A and Cel6B from their individual 
binding curves shown in Figures 16 and 17, understanding how the concentration of each enzyme 
changes during the time course in a 1:1 mixture of Cel5A and Cel6B may also provide useful information. 
Previous work in the Walker lab has shown that in mixtures, Cel5A is only 10-15% of the total bound 
cellulase concentration, regardless of the initial loading ratio of Cel5A in a mixture with Cel6B, Cel9A, or 
Cel6B and Cel9A (Jeoh et al. 2002; Santhanam and Walker 2008). In order to compare the fluorescent 
signal from Cel5A labeled with AF 488 with the fluorescent signal from Cel6B labeled with AF 647, we 
must first adjust the fluorescence intensity values for the more efficient capture of AF 488 signal than AF 
647 signal by the imaging set up. 
From the photobleaching data shown in the preceding chapter, it is apparent that the signal 
from 488 labeled cellulases is more strongly detected by the camera than the signal from 647 labeled 
enzymes, even in equal concentrations. To simplify comparison between differently labeled populations, 
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a relative fluorescence intensity factor was calculated to make up for the weaker signal detection of 647 
labeled enzymes. Similar to the photo-bleaching experiments, equal concentrations of Cel5A labeled 
with 488 and Cel5A labeled with 647 were applied to a BMCC substrate in the experimental setup 
previously described and allowed to reach equilibrium with an overnight incubation. Once equilibrium 
had been reached, the substrates were loaded onto the microscope as described, and the signal from 
each population of Cel5A was measured with the camera. Reaction temperature also alters the amount 
of photons emitted by each fluorophore. Reported in Figure 18 are the ratios between the AF488 and 
AF647 signal at 23° and 50°C. 
 
Figure 18: Relative fluorescence data for all temperatures. The ratio of AF488 signal to AF647 signal is 
shown in filled blue diamonds for data at 23°. The ratio of AF488 signal to AF647 signal is shown as filled 
red triangles for 50°. 
 
The ratio of signal in the 488 channel to signal in the 647 channel is stable over the course of the 100 
frames imaged. The average value for the ratio of 488 signal to 647 signal across all the frames was 
obtained from the data shown in Figure 18 and used as the correction factor to adjust the signal in the 
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647 channel to compensate for the lower fluorescence detection in the 647 channel. Table 16 below 
shows the 488/647 signal correction factors. These correction factors were used to adjust the value of 
the 647 signal in each frame, so that it would be possible to directly compare the signal from the 488 
channel and the 647 channel and the corresponding relative amounts of detected bound cellulase. The 
647 signal for each frame in the experimental time-course was multiplied by this correction factor.  
Table 16: Relative fluorescence correction factors for 647 data at 23° and 50°C. 
Temperature 488/647 Signal Correction 
23°C 2.015 ±0.025 
50°C 1.502 ±0.006 
 
Binding time course data for both Cel5A and Cel6B in a 1:1 mixture 
 Figure 19 below shows the binding time course data for a 1:1 mixture of Cel5A labeled with AF 
488 and Cel6B labeled with AF 647 on both fibers and mats for 23 and 50°C. All data have been 
corrected for photobleaching and for the difference in relative fluorescence between the AF 488 tag and 
the AF 647 tag to facilitate comparisons between the data sets. 
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Figure 19: Binding data for equimolar mixtures of Cel5A labeled with AF 488 and Cel6B labeled with AF 
647 at 23°C and 50°C for both fiber and mat structures. Cel5A labeled with AF 488 data is shown with a 
blue diamond, Cel6B labeled with AF 647 data is shown with a red square. 
 
From the data shown in Figure 19, the percent of the total bound enzyme on each BMCC structure was 
calculated for both Cel5A and Cel6B in the mixture. Figure 20 below shows the percentage of the total 
cellulase signal that can be attributed to Cel5A and Cel6B in the equimolar mixture experiments at 23 
and 50°C on fibers and on mats. Even though each enzyme is 50% of the total initial cellulase 
concentration applied to the cellulose substrate, the equilibrium bound concentration is not 50% of 
each. Rather, it varies by temperature and cellulose structure. The total bound cellulase is assumed to 
be the total fluorescence signal at each time point, such that: 
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Since the intensity of the signal in each channel corresponds to the concentration of bound fluorescent 
enzyme we can correlate the percentage of signal in each channel with the concentration of the enzyme 
it represents.  
Figure 20: Percentage of total bound cellulase from an equimolar mixture of Cel5A and Cel6B. Cel5A 
data is shown as green diamonds, Cel6B data is shown as red squares.  
 
In each case, although the initial mixture of cellulases applied to the substrate was 50% Cel5A and 50% 
Cel6B, the bound concentration is not split 50-50. The concentration of bound enzyme varies 
throughout the time course observed for both BMCC fibers and mats at 23°C and 50°C. In all cases, 
Cel5A starts as the dominant signal. At the end of the 240 minutes of binding observed at 23°C, the 
bound concentration of cellulases was portioned as approximately 70-80% Cel6B and 20-30% Cel5A for 
both fibers and mats. After 16.5 minutes of binding observed at 50°C the bound concentration was 
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approximately 70% Cel5A and 30% Cel6B on fibers, and 85% Cel5A and 15% Cel6B on mats. The time 
course at 50°C was limited due to photobleaching effects. Though the two time courses look very 
different from one another, limiting the 23°C time course to the first 20 minutes of data yields curves 
that look very similar to the 50°C data, so it is possible to imagine that with more time, the fraction of 
each cellulase bound on BMCC fibers and mats at 50°C would be similar to the bound concentrations at 
23°C. The very early stages of binding are dominated by Cel5A binding rapidly to the cellulose substrate, 
while the concentration of Cel6B increases gradually with time. Ganner et al. saw similar results in their 
AFM studies of an endoglucanase and a cellobiohydrolase binding. In their study, the endoglucanase 
bound rapidly to the amorphous fraction of the cellulose substrate, hydrolyzing it and revealing more 
crystalline cellulose nanofibers for cellobiohydrolase binding (Ganner et al. 2012). Such synergistic 
actions may be occurring in this system, particularly at 50°C. This data corresponds with the binding 
time course data shown in Figure 19, where Cel5A has a rapid initial binding event and then reaches an 
equilibrium level of binding and Cel6B binds more slowly in the initial phases, but continues to bind 
throughout the time course observed on fibers. On mats however, the data from figure 19 indicates that 
the concentration of both Cel5A and CEel6B bound on the BMCC was continuing to increase after the 
16.5 minutes observed, possibly due to new binding sites being made available due to synergistic 
actions. Jeoh et al. observed a binding time course for a mixture of Cel5A and Cel6B at 50°C for 16 hours 
and found that Cel6B was bound at a greater concentration than Cel5A after 45 minutes and peak 
binding for both Cel5A and Cel6B occurred at 2 hours (Jeoh et al. 2006). However, the 45 minute time 
point was their first data point in the time course. The advantage of this method is the excellent 
temporal resolution early in the binding time course, and the data presented in this chapter combined 
with the data presented in Jeoh et al. begins to paint a picture of Cel5A and Cel6B binding in a mixture 
when hydrolysis activity is present. 
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 Though the initial rates of binding in synergistic mixtures are generally slower than the rates of 
binding individually for both Cel5A and Cel6B, another important parameter in cellulase binding studies 
is the extent of binding, or the concentration of bound enzyme on the substrate. The techniques 
described in this chapter and the preceding chapter are of limited effectiveness in determining an 
absolute concentration of cellulase bound to the BMCC substrate. The amount of BMCC bound in each 
experiment varies. However, the data can tell us something about the relative amount of bound 
cellulase in mixtures and in the individual component experiments at various time points during the 
observed time courses. By normalizing each data set to its highest detected fluorescence signal, which 
corresponds to the highest concentration of bound enzyme in each data set, we can compare relative 
extent of binding at various time points. Using this information, we can calculate the degree of 
synergistic binding (DSB) based on the fluorescence intensity data by adapting the following equation 
from Jeoh et al. (Jeoh et al. 2002):  
 
    
     
∑ (         ) 
 
   
 85 
Where Eb,mix is the concentration of bound enzyme in the mixture and Eb,single is the concentration of 
bound cellulase in a single component reaction (Jeoh et al. 2002). The concentration of bound enzyme is 
proportional to the fluorescence intensity by some constant value, αd, such that:  
         86 
Where Ib is the fluorescence intensity corresponding to Eb. Thus, we can substitute the value αdIb for Eb 
in equation 85, simplify, and get the following approximation for DSB: 
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 87 
Ib, mix is equivalent to Stotal from equation 84 and Ib,single is equivalent to the signal from Cel5A and Cel6B in 
the individual experiments, SCel5A and SCel6B. Thus we can calculate DSB from the normalized fluorescence 
signal at each point in the time course as follows: 
 
     
        
                 
 88 
For both Cel5A and Cel6B we can compare the fluorescent signal at each time point in the 1:1 mixture 
experiments with the same time point in the individual component experiments. Observing the DSB 
throughout a time course can provide some insight on whether one or both cellulases in a mixture 
exhibited increased binding due to synergism and when that enhanced binding occurred. The advantage 
of using fluorescence microscopy to image cellulase binding on the BMCC substrates is the excellent 
temporal resolution that can be achieved. Cellulase binding on BMCC is a dynamic event, with binding 
rates and extents affected by cellulose structure and temperature (Moran-Mirabal et al. 2011). The 
value for the DSB can be calculated for every time point in the experiment and that data is represented 
in Figure 21 below 
 141 
 
Figure 21: DSB calculated at each time point for an equimolar mixture of Cel5A and Cel6B at 23°C and 
50°C on both fibers and mats. DSB > 1 indicates synergistic binding, depicted by the black line drawn to 
guide the eye. 
 
 There is no synergistic effect on binding observed for a 1:1 mixture of Cel5A and Cel6B at 23°C 
on either fibers or mats. Indeed, limiting the 23°C data to just the first 20 minutes of binding shows a 
DSB of approximately 0.5, indicating competitive binding at this temperature, on both fibers and mats. 
At 50°C, however, there is observed DSB on both fibers and mats in the 16.5 minutes of binding 
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observed, indicating cooperative binding between the Cel5A and the Cel6B. This result is consistent with 
the observations of Jeoh et al, who calculated a DSB of 0.11 for a 1:1 mixture of Cel5A and Cel6B at 5°C, 
indicating no synergistic binding, and DSB of 1.44 for the same mixture at 50°C (Jeoh et al. 2002). At 
50°C, the DSB on mats increases throughout the time course. This is likely due to the synergistic effects 
of hydrolytic action by both Cel5A and Cel6B, creating new binding sites through cellulose hydrolysis. 
BMCC mats are dense cellulose structures, with much of the surface area contained within a matrix of 
overlapping and tightly packed BMCC fibers, and enhanced hydrolytic activity in a mixture of cellulases 
expands the available surface area and the number of cellulase binding sites. On fibers at 50°C, there is 
an initial increase in DSB early in the time course, then a decrease in the later stages of the experiment, 
after about 5 minutes. Fibers have readily available surface areas and binding sites, with little hindrance 
from the BMCC structure, so it follows that there might be a limit to the binding enhancement by a 
mixture of Cel5A and Cel6B when there is also hydrolytic activity once all of the initial binding sites are 
occupied.  
Conclusions 
In this study we have observed the effects of the presence of both Cel5A and Cel6B in a mixture 
on the rate and extent of cellulase binding. Fluorescence microscopy techniques combined with 
fluorescently labeled T. fusca cellulases Cel5A and Cel6B were applied to immobilized BMCC substrates 
at 23°C and 50°C to investigate cellulase binding with and without hydrolytic activity on cellulose fiber 
and mat structures. The concurrent binding by Cel5A and Cel6B in a mixture can be observed for both 
fibers and mats using two different fluorescent tags imaged together. The difference in the relative 
fluorescence of these tags can be accounted for and corrected, to provide insights into the rates and 
extents of binding by both Cel5A and Cel6B in a 1:1 mixture. The fluorescent binding data collected 
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provides a picture of cellulase binding with excellent spatial and temporal resolution, making it possible 
to discern binding on various cellulose structures in a dynamic process.  
This work builds on previous observations by the Walker lab on cellulase binding and improves 
our understanding of the effect of cellulose morphological structures. Jeoh et al. saw similar results for 
an equimolar mixture of Cel5A and Cel6B binding at 50°C, with enhanced binding by the mixture over 
the extent of each cellulase binding alone (Jeoh et al. 2002). The advantage of the techniques used in 
this study is the spatial and temporal resolution which allows us to draw insights into the effects of 
cellulose structure on binding and the dynamic nature of the cellulase binding itself (Moran-Mirabal et 
al. 2008; Moran-Mirabal et al. 2011; Zhu et al. 2011; Luterbacher et al. 2013; Yang et al. 2013). In this 
study, cellulase binding and DSB was observed in the very early minutes of the binding reaction on two 
different cellulose morphological structures. The bound concentration of Cel5A in particular, is affected 
by cellulose structure and density. The bound concentration of Cel5A increased throughout the time 
course on mats, while remaining stable throughout the time course on fibers. This is likely due to 
enhanced hydrolysis activity by Cel5A and Cel6B together on the BMCC mats, which have more 
opportunity for the creation of new binding sites as compared to fibers. This spatial resolution enhances 
our understanding of the effect of cellulose structure on cellulase binding. 
 Additionally, we can observe how the DSB changes throughout the time course with hydrolytic 
actions of the cellulases in the mixture with the temporal resolution afforded by the fluorescence 
microscopy techniques. The concentration of bound cellulase at each time point can be correlated to 
the fluorescence intensity observed, making quantitative analysis of the DSB possible. Consistent with 
results reported by Jeoh et al., enhanced DSB was observed for a 1:1 mixture of Cel5A and Cel6B at 50°C 
on both fibers and mats (Jeoh et al. 2002; Jeoh et al. 2006). Interestingly, the DSB changed throughout 
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the time course, with enhanced binding observed early in the time course for fibers, and an increasing 
enhancement observed for mats. Again, the morphological structure of the cellulose substrate 
influences the cellulase binding. 
This study lays the foundation for using fluorescent imaging techniques to expand on both Jeoh 
et al and Santhanam et al’s ternary mixture cellulase studies to better understand the dynamic nature of 
cellulase binding in a mixture that is closer to what is observed in nature (Jeoh et al. 2002; Santhanam 
and Walker 2008). The spatial and temporal resolution of the binding data obtained from fluorescence 
microscopy techniques provides new insights into the dynamic binding behavior of a synergistic mixture 
of Cel5A and Cel6B. 
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CHAPTER 6: CONCLUSION AND FUTURE DIRECTIONS 
 
The objective of the research presented in this dissertation was to explore the influence of 
cellulose morphological structure and lignocellulosic biomass complexity on cellulase binding and 
hydrolysis to improve our understanding of the synergistic activities of plant cell wall degrading enzymes 
required for biomass hydrolysis. To this end, a high throughput screening method to screen fungal plant 
pathogens on real biomass substrates was established, and a method to use fluorescence microscopy 
techniques to observe cellulase binding on BMCC fibers and mats with excellent spatial and temporal 
resolution was developed and then applied to the study of dynamic synergistic binding by a mixture of 
an endocellulase and an exocellulase. The greater the level of complexity in the cellulose substrate, the 
more important the synergistic actions of a mixture of cellulases and other plant cell wall degrading 
enzymes becomes to effectively hydrolyzing the cellulose polymer to its glucose monomers.  
Building on the imaging methods presented here will lead to a better understanding of the 
influence of cellulose morphology on cellulase hydrolytic activities individually and in synergistic 
mixtures. As discussed, a major limitation of the imaging method presented is the lack of a closed mass 
balance to produce quantitative hydrolytic activity data. Developing a method to accurately measure the 
amount of cellulose adhered to the glass slide substrate after washing away non-adhered cellulose will 
be critical to know the initial amount of cellulose surface area available to the enzymes in solution. 
Additionally, measuring the quantity of cellulose left on the glass slide substrate after the binding and 
hydrolysis assays will be a key piece of closing the cellulose mass balance and understanding the rate of 
hydrolytic activities. At the same time, finding the actual concentration of cellulase enzymes bound to 
the surface of cellulose fibers and within cellulose mats will be important for understanding the ability 
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of cellulases to move within a more complicated cellulose structure. This information could provide 
insights into the effects of cellulose surface interactions, pore structure, and cellulase-cellulase steric 
hindrance on cellulolytic activity.  
Despite the limitations in measuring the amounts of cellulose and cellulase in the system, the 
methods developed here could be used as they are to investigate the influence of cellulose morphology 
on cellulase binding in a mixture of three cellulases. T. fusca cellulase Cel9A, a processive endocellulase, 
could be labeled with a third color of Alexa Fluor dye that will not interfere with the fluorescence signal 
from either the cellulases labeled with the AF 488 or the AF 647. The molar ratios of the cellulases in this 
ternary system could be varied to begin to optimize the ratio of endo-acting cellulases to exo-acting. 
This study would build on the work begun in Santhanam et al. by improving the temporal resolution of 
the initial binding stages studied and looking at the influence of cellulose morphology on cellulase 
synergism in a ternary mixture (Santhanam and Walker 2008). Indeed, it is possible to speculate that 
many different dyes could be employed to investigate complicated systems of fluorescently labeled 
enzymes on the cellulose substrates, provided the dyes’ excitation and emission spectra do not overlap 
significantly. Other plant cell wall degrading enzymes could be labeled and binding on real biomass 
substrates could be studied, as long as conditions to control for any auto-fluorescence in the biomass 
samples were met. The multiple enzyme imaging and analysis methods developed here could be used to 
produce new insights into the influence of substrate complexity on cellulase binding and hydrolysis and 
the effects of synergism in synergistic mixtures of multiple enzymes. 
A major outcome of the research and method developed by Dr. Brian King and myself was the 
determination of hydrolytic activities for 156 species of fungi and oomycetes by King et al. using our 
method to identify promising sources for plant cell wall degrading enzymes complementary to those 
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currently available (King et al. 2011). This large scale screening effort identified several isolates of plant 
pathogenic fungi that were showed high hydrolytic activity on biomass. Several other studies have 
focused on screening collections of cellulose acting enzymes from microbial sources on a small scale in a 
high throughput manner (Cianchetta et al. 2012; Fer et al. 2012; Chang et al. 2013; Lucena et al. 2013; 
Romano et al. 2013). A limitation of isolating and growing a microbial source of cellulases in a laboratory 
setting is that often, some strains of microbes of interest cannot be reliably grown in pure cultures 
(Rappé and Giovannoni 2003). To this end, mining the genomic data of complex microbial ecosystems 
has emerged as a method to find novel sources of cellulases (Duan and Feng 2010). DNA extracted from 
environmental sources, such as soil or the guts of ruminants, can be used to construct metagenomic 
libraries in cloning vectors for isolating and identifying novel biocatalysts by function or sequence-based 
approaches (Duan and Feng 2010). Searching environmental genomic data complements high 
throughput screening methods for identifying highly active cellulose and other plant cell wall degrading 
enzymes. Using a library of genomic data as a first pass, promising candidates can be identified and 
crude enzyme extracts can be prepared from source clones and screened using the methods described 
in Chapter 3.  
The field of cellulase imaging has grown and expanded by leaps and bounds in the three 
decades of visualized cellulase research. Fluorescence microscopy techniques, like the ones described in 
Chapter 4 of this dissertation, allow for the observation of micro-scale cellulase-cellulose interactions in 
an aqueous environment with excellent spatial and temporal resolution. AFM studies are able to 
investigate dynamic biological systems on a molecular scale under environmental conditions such as 
temperature and pressure in an aqueous environment (Bubner et al. 2013). High speed (HS) AFM, which 
can capture on the order of 10 images per second, is able to image individual cellulases in real time, 
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leading to the recording of some incredible movies showing cellulases processing along cellulose fibers 
(Igarashi et al. 2009). One of the great remaining challenges to obtaining valuable, quantitative image 
data is the cellulose substrate used in the imaging experiments. Cellulase activity and adsorption 
measured during an experiment are dependent on the type of cellulose used as the substrate (Igarashi 
et al. 2006; Bubner et al. 2012).The conclusions reached in Chapters 4 and 5 of this dissertation show 
the impact of cellulose morphological structure on cellulase binding, and this is only looking at BMCC. 
Cellulose substrates using in imaging studies are obtained from bacterial cellulose, algal cellulose, and 
plant cellulose, each with advantages and disadvantages, and each with its own requirements for 
substrate preparation (Bubner et al. 2013). Factors affecting cellulase binding and activity, such as 
crystallinity index, degree of polymerization, and the presence of lignin or hemicellulose are dependent 
on the source of the cellulose substrate and any pretreatments required to make the cellulose more 
accessible or immobilize it for imaging studies (Bubner et al. 2013). Despite these challenges, a wealth of 
cellulase-cellulose interaction information has been gleaned from imaging studies, and more is promised 
to follow. Emerging super-resolution fluorescence microscopy methods are able to visualize cellulases 
on a molecular scale, down to 10-20 nm resolution. Single molecule imaging by fluorescence microscopy 
or by HS-AFM can show cellulase processivity in real time (Igarashi et al. 2011; Moran-Mirabal et al. 
2013). Confocal fluorescence microscopy and AFM techniques can both reveal high resolution 
information about the degradation of biomass by cellulolytic activities on a larger scale (Santa-Maria and 
Jeoh 2010; Zhu et al. 2011; Ding et al. 2012; Luterbacher et al. 2013; Yang et al. 2013). As imaging 
technologies advance, we will learn more about the nano-scale degradation of cellulose by cellulases 
and better understand the surface interaction that drive cellulase diffusion into the cellulose structure.  
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 Classical cellulase synergism is understood to require the simultaneous actions of three types of 
cellulases. Endoglucanases randomly cleave bonds in the cellulose polymer, exoglucanases attack 
cellulose polymer chain ends, and β-glucosidases convert the cellobiose produced by the actions of the 
endo and exo acting glucanases to cellulose (Lynd et al. 2002; Merino and Cherry 2007; Horn et al. 
2012). While the mechanism is well understood, several questions and challenges remain and are 
impeding our transition to a bio-based economy. Cellulose is effectively degraded by a combination of 
endo and exo acting glucanases, but conversion is typically less than 100%, closer to 70-80% of the 
available cellulose (Rosgaard et al. 2007; Klein-Marcuschamer et al. 2012). Improving cellulase 
accessibility to hydrolysable sites within the cellulose structure will lead to improved conversion 
efficiencies, but understanding how cellulase synergism is affected by cellulose structure is a key step in 
this process. The results presented in Chapter 5 show the DSB is influenced by the cellulose structure 
observed, whether binding is on BMCC fibers or mats. Cellulase binding on fiber structures benefitted 
early in the time course observed from synergistic actions, while binding was enhanced throughout the 
time course observed for mat structures in a synergistic mixture. An AFM study by Ganner et al. showed 
the effect of cellulose structure (amorphous or crystalline) on cellulase synergism and activity (Ganner et 
al. 2012). The endoglucanase exclusively attacked amorphous regions of the cellulose substrate, 
exposing crystalline nanofibers for the cellobiohydrolase to act upon. This activity was critical for making 
the crystalline fibers available to the cellobiohydrolase, as it was found to be barely active alone (Ganner 
et al. 2012).  
Recently, the identification and characterization of bacterial and fungal proteins, classified early 
as family 33 carbohydrate binding module (CBM33) and family 61 glycoside hydrolase (GH61) 
respectively, have been shown to play a significant role in the degradation of cellulose and indicate that 
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the classical model of endo-exo synergism may need to make room for another player (Cantarel et al. 
2009; Vaaje-Kolstad et al. 2010; Forsberg et al. 2011; Horn et al. 2012). These proteins use an oxidative 
mechanism that depends on the presence of divalent metal ions and an electron donor to cleave 
crystalline polysaccharide chains (Vaaje-Kolstad et al. 2010). The characterization of their activity has led 
to these proteins being reclassified as AA10 (formerly CBM33) and AA9 (formerly GH61) in the CAZY 
database (Cantarel et al. 2009). Their flat substrate binding sites are theorized to attach to flat 
crystalline surfaces on the substrate, where they disrupt packing and increase substrate accessibility 
(Horn et al. 2012). Genes encoding for these proteins are abundant in cellulose utilizing microorganisms, 
and recent transciptomics and proteomics studies have shown the expression of some AA9s (formerly 
GH61) and AA10s (formerly CBM33) is induced by cellulose and/or co-regulated with the expression of 
cellulases (Foreman et al. 2003; Eastwood et al. 2011; Macdonald et al. 2011; Adav et al. 2012; Horn et 
al. 2012). Classical synergy is enhanced by the presence of these proteins acting on the substrate surface 
and introducing additional breaks in the polysaccharide chains, and the addition of these proteins to the 
biorefinery tool box will increase the efficiency and yield of biochemical cellulose conversion to glucose. 
 This is an exciting time to be working in the field of cellulases and cellulose hydrolysis. Rapidly 
advancing imaging technology is allowing us to visualize cellulose hydrolysis by cellulases in ways that 
were never possible, achieving sub 20 nm resolution and making it possible to watch cellulases process 
along crystalline cellulose substrates. Using both fluorescence microscopy and AFM, it is possible to 
track the changes to the cellulose structure in real time as the degradation proceeds. This temporal 
resolution makes it possible to understand the role of various cellulases in a synergistic mixture as 
hydrolysis occurs. The advent of readily available genomic data and the rapid reduction in cost of 
sequencing will make it possible to explore new regions and environments for novel cellulases or 
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complementary enzymes to reduce costs and enhance cellulose degradation on an industrial scale. The 
synthesis of new scientific knowledge gained from metagenomic data and real-time visualizations of 
enzyme and substrate interactions will advance the field in new ways, ushering in a new era for the 
bioeconomy. 
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APPENDIX: IMAGE PREPROCESSING MATLAB ROUTINE 
%Cellulase binding imaging analysis for epi-fluorescent data 
%April 13, 2012 
%by Marie Donnelly, adapted from Moran-Mirabal et al. (2008) 
%Analyze background first, get statistics on background, then select an 
%area for cellulase fluorescent signal analysis by selecting a single pixel 
%to be the center of a box 
%Currently, this box is defined as 100px X 100px, but can be adjusted in 
%line 41 
%Should work for dual color analysis, both 488 and 647 
 
close all; 
clear all; 
   
Experiment488 = '488.tif'; %Takes 488 stack of images and names file 
Experiment647 = '647.tif'; %Takes 647 stack of images and names file 
info488 = imfinfo(Experiment488); %Stores image file name for 488 stack 
info647 = imfinfo(Experiment647); %Stores image file name for 647 stack 
totalfiles488 = size(info488); %Stores the number of images in 488 stack 
totalfiles647 = size(info647); %Stores the number of images in 647 stack 
Total = totalfiles488(1,1);  
Final488 = im2double(imread(Experiment488,Total)); %'imread' Reads the final image (i.e. most 
intense) in the stack, 'im2double' converts that image to double precision and stores it 
Final647 = im2double(imread(Experiment647,Total)); 
Integral488 = sum(sum(Final488)); % Assigns a value to fluorescence intensity in final image in 488 stack 
Integral647 = sum(sum(Final647)); % Assigns a value to fluorescence intensity in final image in 647 stack 
 
if Integral488 > Integral647 % Chooses the more intense signal (greater value in final image) to use for 
selecting areas for analysis 
    Original = Final488; 
else 
    Original = Final647; 
end 
 
SatMask = im2bw(Original,0.9999); %Creates a mask removing saturated pixels (signal>0.9999) by 
converting grayscale image to a binary image 
%figure('Name','Saturation Mask'), imshow(SatMask); %Displays saturation mask 
OriginalwoSat = Original - SatMask; %Uses saturation mask to remove saturated pixels from image for 
analysis 
figure('Name','Select Local Background'), imshow(imadjust(OriginalwoSat)); %Prompts user to select 
background pixels from the entire image 
[Background, rectback] = imcrop(imadjust(OriginalwoSat)); %Selects and stores background pixels from 
a rectangle selection tool 
BackAvg = mean2(Background); %Average of background pixels 
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BackStd = std2(Background); %Standard deviation of background pixels 
figure('Name','Select Pixel at Center of Area to Analyze'), imshow(imadjust(OriginalwoSat)); %Prompts 
user to select signal pixels for analysis 
[x,y] = ginput(1); %Stores center pixel of area to analyze 
[OrCrop,rect] = imcrop(imadjust(OriginalwoSat),[x-50 y-50 100 100]); %Selects and stores signal pixels 
in a square of the size specified by the last two numbers in the imcrop command, with the center 
specified by the user in the ginput line 
Crop = imadjust(OrCrop); %Stores the selcted region 
level2 = BackAvg + 8*BackStd; %Creates a threshold for declaring a pixel a signal, any pixel with signal 
greater than this level will be counted 
BW2 = im2bw(Crop, level2); %Creates a binary image from the selected region with only pixels that 
have a signal greater than the level specified 
L = bwlabel(BW2,8); % Labels connected components in the selected region for analysis defined, 8-
connected objects 
stats = regionprops(L,'Area'); %Measures the number of pixels in the region 
idx = find([stats.Area] > 25); %Finds regions with area greater than 25 
SignalMask = ismember(L,idx); %Creates a binary image containing only regions with area greater than 
25 
Sample = SignalMask .* Crop; %Combines the cropped area with the mask indicating signal regions 
figure('Name','Signal pixels'),imshow(Sample); %Displays the pixels analyzed as signal 
 
for n = 1:Total; 
    Im488 = im2double(imread(Experiment488,n)); %Reads each image in 488 stack 
    Im647 = im2double(imread(Experiment647,n)); %Reads each image in 647 stack 
    Crop488 = imcrop(Im488,rect); %Applies the cropped area for analysis to each image in 488 stack 
    Crop647 = imcrop(Im647,rect); %Applies the cropped area for analysis to each image in 647 stack 
    Back488 = imcrop(Im488,rectback); %Applies the cropped area for background to each image in 488 
stack 
    Back647 = imcrop(Im647,rectback); %Applies the cropped area for background to each image in 647 
stack 
    Bav488 = mean2(Back488); %Gets the average value for background from all pixels in 488 stack 
    Bsd488 = std2(Back488); %Gets standard deviation for background in 488 stack 
    Signal488 = Crop488 .* SignalMask; %Applies signal mask to cropped area for analysis to each image 
in 488 stack 
    Sav488 = mean2(nonzeros(Signal488)); %Gets the average value for signal from all pixels in cropped 
area for analysis in 488 stack 
    Ssd488 = std2(nonzeros(Signal488)); %Gets the standard deviation for signal from all pixels in 
cropped area for analysis in 488 stack 
    Bav647 = mean2(Back647); %Gets the average value for background from all pixels in 647 stack 
    Bsd647 = std2(Back647); %Gets standard deviation for background in 647 stack 
    Signal647 = Crop647 .* SignalMask; %Applies signal mask to cropped area for analysis to each image 
in 647 stack 
    Sav647 = mean2(nonzeros(Signal647)); %Gets the average value for signal from all pixels in cropped 
area for analysis in 647 stack 
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    Ssd647 = std2(nonzeros(Signal647)); %Gets the standard deviation for signal from all pixels in 
cropped area for analysis in 647 stack 
     
    Data(n,1) = n; %Frame count A(X) 
    Data(n,2) = Bav488; %Background average 488 B(Y) 
    Data(n,3) = Bsd488; %Background standard deviation 488 C(Y) 
    Data(n,4) = Sav488; %Signal average 488 D(Y) 
    Data(n,5) = Ssd488; %Signal standard deviation 488 E(Y) 
    Data(n,6) = 0; %F(Y) Placeholder column 
    Data(n,7) = Bav647; %Background average 647 G(Y) 
    Data(n,8) = Bsd647; %Background standard deviation 647 H(Y) 
    Data(n,9) = Sav647; %Signal average 647 I(Y) 
    Data(n,10) = Ssd647; %Signal standard deviation 647 J(Y) 
    Data(n,11) = 0; 
    Data(n,12) = (Data(n,4)-Data(n,2)); %Signal-background 488 
    Data(n,13) = Data(n,9)-Data(n,7); %Signal-background 647 
     
end 
 
AverageBackground488 = mean2(Data(:,2)) %Computes average value of background values for all 
images in 488 stack 
StdDevBackground488 = std2(Data(:,2)) %Computes std dev of background values for all images in 488 
stack 
AverageBackground647 = mean2(Data(:,7)) %Computes average value of background values for all 
images in 488 stack 
StdDevBackground647 = std2(Data(:,7)) %Computes std dev of background values for all images in 488 
stack 
Y1 = (Data(:,12)); % Signal-background 488 
Y3 = Data(:,2); %background 488 
Y2 = Data(:,9)-Data(:,7); %Signal-background 647 
Y4 = Data(:,7); %background 647 
Y5 = Y1./Y2; % Ratio of 488 signal/647 signal 
Y6 = Data(:,4); %Raw signal 488 
Y7 = Data(:,9); %Raw signal 647 
X = Data(:,1); 
figure(), plot(X,Y1,':sg');% Signal-background 488 
hold on; 
%plot(X,Y6,'-r*');%Raw signal 488 
%hold on; 
plot(X,Y2,'-r*');%Signal-background 647 
hold on; 
plot(X,Y3,':db');%background 488 
hold on; 
plot(X,Y4,'-mo');%background 647 
%figure(),plot(X,Y5,':db');% Ratio of 488 signal/647 signal 
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LargeArea = Data; 
Savename = 'LargeArea'; 
save(Savename,'LargeArea','-ascii'); 
xlswrite('LargeArea',Data); %Writes an MS Excel file containing data set 
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